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Lay Abstract 
 

Cell therapy is used to improve or replace the function of damaged cells or tissues that 

currently exist in the body by delivering healthy cells and the therapeutic products they 

naturally produce to the site of interest. Delivering these cells to the body has many 

challenges, including attacks from the immune system and substantial cell death caused by 

mechanical forces applied upon injection. To overcome these problems, the cells can be 

loaded into hydrogel-based microparticles (microgels), highly hydrated polymer networks 

that can protect the encapsulated cells from the immune system and mechanical forces 

while providing an environment that can support cell viability and growth. This thesis is 

focused on designing microgels with suitable dimensions and structures that allow for 

nutrients to flow from the environment to the cells and wastes/cell products from the cells 

to the environment while also supporting long-term cell viability, allowing the therapeutic 

molecules the cells produce to potentially treat diseases. 
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Abstract 
 

Hydrogels have been widely explored for cell therapy applications due to their favourable 

biochemical and mechanical properties. However, the dimensions of bulk hydrogels limit 

the diffusion of nutrients to cells and cell products to the surrounding environment, 

negatively affecting cell viability and the therapeutic potential of the encapsulated cells. In 

addition, invasive procedures are often required for the administration of bulk hydrogels 

into patients that pose a practical barrier to cell therapy. To address these issues, micrometer 

sized hydrogels (microgels) have been designed with controlled shapes, sizes, and 

structures to enable sufficient biomolecule diffusion and injectable administration. In this 

thesis, in situ gelling poly(oligoethylene glycol methacrylate) (POEGMA) and zwitterionic 

microgels are fabricated based on delayed dynamic hydrazone crosslinking between cell-

friendly functionalized polymers without the need for any additional crosslinking agents. 

Two microgel fabrication strategies were explored: (1) droplet-based microfluidics and (2) 

droplet extrusion printing. In the first case, microgels with controlled degrees of porosity 

were fabricated via the incorporation of a non-toxic evaporable porogen into a microfluidic 

device. Porous microgels had significantly improved diffusion of small molecules 

compared to nonporous microgels, and cells encapsulated in the porous microgels showed 

significantly increased viability over 10 days. In the second case, droplet extrusion printing 

was employed to print a bioink on a hydrophobic surface, resulting in the fabrication of 

disk-shaped microgels with a height below the maximum pathlength of oxygen and nutrient 

diffusion. Cells encapsulated in the microgels maintained high viability, with the microgels 

also supporting effective cell proliferation over 10 days. Overall, the work presented in this 
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thesis poses solutions to challenges around nutrient/cell product diffusion and the invasive 

procedures typically associated with hydrogel-based cell therapy, providing potentially new 

translatable therapeutic options for disease treatment. 
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Chapter 1: Introduction and Objectives 
 

1.1 Cell Therapy 
 

Cell therapy involves the delivery of healthy cells for the purpose of replacing or improving the 

function of damaged cells and/or tissues1, 2. The ability to treat diseases with native cell 

therapeutics offers a treatment option for conditions in which pharmaceuticals are not effective 

and/or not available or in cases in which other treatment options have major limitations3.  

Damaged/diseased tissues and organs have traditionally been treated via transplantation; however, 

the shortage of organ donors, the need for costly and highly invasive surgeries, and the risk of 

immunorejection are all drawbacks that suggest the need for alternative approaches4. Tissue 

regeneration approaches have been explored in which cells are designed to grow throughout and 

eventually escape from a scaffold to replace native tissue. However, optimizing the scaffold 

properties (e.g. mechanical properties and degradation), keeping the cells/tissue alive over 

extended periods, and promoting blood vessel formation within the scaffold all remain practical 

challenges5. As an alternative, cell therapy in which cells are encapsulated inside a vehicle that 

maintains cell viability but prevents cell out-diffusion while still facilitating nutrient/waste 

exchange represents an attractive therapeutic option. In this case, the cells encapsulated are not 

necessarily regenerative but rather are stem cells or specialized cells harvested from autologous or 

allogeneic sources depending on the specific application (e.g. regenerative medicine6, autoimmune 

disease therapy7, or cancer therapy8) that can produce and release therapeutic compounds over 

extended periods. Direct cell injection typically involves the cells being administered via the 

intravenous, intraarterial, or intratissue route. However, direct injection often results in low cell 

retention and survival at the target location, with as low as <5% of the cells remaining at the 



2 
 

injection site after 24 hours9. To improve cell retention and viability, the native extracellular matrix 

(ECM) produced from the cells has been used as a biocompatible carrier to transport and protect 

the cells from mechanical stress during the injection and immune cell attack after injection. 

Although this method improves cell viability, high cell densities and long periods of time are 

required to grow an adequate ECM environment9. These drawbacks have stimulated significant 

research effort into developing scaffold-based cell therapy approaches that can overcome the 

limitations of direct and ECM-based cell injections by embedding cells within or on the surface of 

cell-friendly and biodegradable materials that can mimic the properties of the native ECM3, 10. 

1.2 Hydrogels for Cell Encapsulation 
 

Hydrogels are composed of three-dimensional (3D) hydrophilic networks that allow for high water 

retention11, 12. The biocompatibility, tunable degradation and mechanical properties, and inherent 

porosity of hydrogels promote their use in biomedical applications such as cell encapsulation13, 

self-healing14, drug delivery15, and biosensors16. Hydrogels can be fabricated via physical or 

chemical interactions between polymers, with the crosslinking density and mechanism 

representing the key variables that influence the properties of the gel. Of particular relevance for 

cell therapy, the mechanics of hydrogels can be designed to mimic those of natural tissues while 

the type/density of crosslink can be tuned to control the swelling and ultimate degradation of the 

hydrogel to best fit a specific need17. For biomedical applications, the degraded products should 

be biocompatible, avoid an immune response, and be excretable via the renal system. 

1.2.1 Hydrogel Materials 
 

Hydrogels can be fabricated based on natural and/or synthetic polymers. Natural polymers are 

derived or harvested from natural sources (e.g. seaweed, animal tissue, or bacteria products) and 
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thus benefit from native biodegradability and typically high tissue compatibility15, 18.  Common 

natural polymers used to form hydrogels include cellulose, chitosan, dextran, alginate, hyaluronic 

acid, collagen, gelatin, and fibrin. The presence of many of these components (e.g. hyaluronic acid, 

collagen, and fibrin) in the native extracellular matrix (ECM) makes them particularly suitable 

scaffold materials for cell encapsulation, as cells are able to adhere and rearrange the network as 

they spread18.  However, natural polymers can be limited by batch-to-batch variation, the intensive 

extraction/purification processes required to remove other components, and the limited strategies 

available to control or change their properties (particularly relevant to their mechanics18, 19). 

Conversely, while synthetic hydrogels can pose challenges with biodegradation and promoting 

cell-scaffold interactions in the manner of natural ECM components, they can be reproducibly 

manufactured and easily modified to improve and fine-tune their biological, chemical, and 

mechanical behaviour19, 20. Common synthetic polymers used for hydrogel fabrication include 

poly(ethylene glycol) (PEG)-derivatives, poly(vinyl alcohol), poly(acrylic acid), and block 

copolymers including poly(lactic acid) (PLA) as the gelation aid. Many studies have demonstrated 

the benefits of combining natural and synthetic polymers to produce a hybrid hydrogels in which 

the natural polymers are used to improve cell adhesion and provide biological cues and the 

synthetic polymers are used to impart improved mechanical properties21, 22.  

Preventing protein adsorption on hydrogels injected in vivo is crucial to limit the immune response 

and the development of a fibrous capsule around the implanted hydrogel which may prevent the 

diffusion of nutrients and products to and from cells encapsulated in the hydrogel23. PEG-based 

polymers are generally regarded as superior anti-fouling materials and have been used to suppress 

non-specific protein adsorption due to the formation of a hydration barrier24, 25.  However, it has 

been observed that PEG materials do not perform as well in complex in vivo environments as seen 
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in in vitro studies due to their potential oxidation in vivo23, 26, 27. To improve oxidative stability, 

PEG derivatives with dense brush structures have been explored to sterically hinder oxidation28. 

For example, poly(oligo(ethylene glycol) methacrylate) (POEGMA) has been extensively used in 

our lab29, 30 and others30, 31, taking advantage of the commercial availability of the OEGMA 

monomer with varying chain lengths to maintain high protein repellency while suppressing 

oxidative degradation.  

As an alternative, zwitterionic polymers, a class of polymers possessing an equal amount of 

cationic and anionic groups, have been shown to exhibit improved anti-fouling properties 

compared to PEG polymers26. Zwitterionic polymers have a stronger water binding capacity based 

on their capacity to structure water via strong electrostatic forces (up to 7-8 water molecules per 

unit) compared to PEG (1 water molecule per unit), resulting in an improved steric barrier to 

protein deposition23, 26. The most common zwitterionic polymers include carboxybetaines (CB), 

sulfobetaine (SB), and phosphorylcholine (PC) functional groups. For example, [2-

(methacryloyloxy)ethyl]dimethyl-(3-sulfopropyl)ammonium hydroxide (DMAPS) is a widely 

used commercially-available zwitterionic mononomer containing SB groups which has been 

explored in our group as a material for 3D printed cell scaffolds32. While all zwitterionic polymers 

possess strong water binding capacities, SB groups have been found to bind more water molecules 

and self-associate more compared to CB groups; however, CB groups form a stronger bond with 

water molecules33, giving each of SB and CB advantages in promoting protein repellency 

depending on the context. While PC is less effective at water binding, its chemistry mimics that of 

cell membranes, making them advantageous for many biomedical applications34. The antifouling 

properties of zwitterionic materials have great potential as materials used in cell encapsulation in 

terms of limiting fibrous capsule formation and promoting the normal function of the encapsulated 
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cells. For example, in a study done by Zhang et al., poly(carboxybetaine methacrylate) hydrogels 

implanted into mice were found to resist the formation of a capsule for up to 3 months, 

exemplifying their potential for use in long-term applications35. However, most zwitterionic 

hydrogels have poor mechanical properties, which could limit their use. To overcome this, 

zwitterionic polymers/monomers have been combined with non-zwitterionic polymers/monomers 

to enhance hydrogel properties23, 27, 36. For example, Zhang et al. combined hyaluronic acid (HA) 

and poly(carboxybetaine methacrylate) (PCBMA) through thiol-ene click chemistry to fabricate a 

hydrogel with the advantages of the non-zwitterionic component (e.g. appropriate degradation and 

cytocompatibility) and the zwitterionic component (e.g. antifouling properties and self-healing) 

for 3D cell encapsulation36. The composite hydrogel showed degradation after 50 days, reduced 

protein adsorption compared to a purely HA hydrogel, and good cytocompatibility of encapsulated 

hMSC cells. 

1.2.2 Crosslinking Mechanisms 
 

The method used to crosslink hydrogels has a significant influence on their physical and chemical 

properties as well as the ultimate biocompatibility of the hydrogel. Crosslinking mechanisms can 

be classified into physical and chemical.  Common physical crosslinking methods include 

ionic/electrostatic interactions, hydrophobic interactions, and host-guest interactions. 

Ionic/electrostatic crosslinking involves the interaction between two oppositely charged 

molecules; for example, alginate is commonly crosslinked with divalent cations (e.g. Ca2+) to form 

hydrogels37, 38. This reaction often results in fast gelation times as well as mechanically weak 

hydrogels; however, improved hydrogel mechanics can be achieved via improved control over the 

mixing process of the counterions38, 39. Physical crosslinking via hydrophobic interactions occurs 

with polymers possessing hydrophobic and hydrophilic domains and often results in hydrogels 



6 
 

with self-healing capabilities. Thermoresponsive polymers (e.g. poly(N-isopropylacrylamide), 

PEG-PLA, and/or Pluronics)  are commonly used to make hydrogels by increasing the temperature 

above the lower critical solution temperature, resulting in self-assembly through enhanced 

hydrophobic interactions40. Hydrogel formation through self-assembly avoids the use of additional 

crosslinking agents, however, hydrophobic interactions are relatively weak and may be reversible 

(which could be beneficial or problematic depending on the application). Host-guest interactions 

are non-covalent interactions between molecules with complimentary shapes37. For example, 

cyclodextrin contains a hollow cavity, allowing it to be used as a guest molecule and interact with 

host molecules with suitable shapes/sizes (e.g. PEG). Host-guest based hydrogels have been shown 

to have stimuli-responsive and self-healing properties, prompting their use in a range of biomedical 

applications; however, they are limited to molecules with specific structures41. 

Chemical crosslinking methods may include photopolymerization, enzyme-catalyzed methods, or 

click chemistry. Photopolymerization is the most common technique used to form biomedical 

hydrogels due to the precise spatial and temporal control over crosslinking imparted by the light-

initiated crosslinking reaction. Hydrogel formation occurs by the absorption of light by 

photoinitiators which triggers polymerization of monomers or polymers bearing unsaturated (e.g. 

vinyl, acrylate, or acrylamido) groups42. While the typical use of UV light for photoinitiation poses 

some potential to damage cells, photoiniators have been discovered that have improved 

biocompatibility and/or absorb at higher wavelengths to avoid cytotoxic effects43. Enzyme-

catalyzed chemical crosslinking offers more inherent cell compatibility, with the use of horseradish 

peroxidase to initiate the crosslinking of polymers containing phenol, aniline, or tyramine groups 

in the presence of hydrogen peroxide particularly widely used in biomedical applications37. 

Enzyme-catalyzed reactions are often rapid and can be controlled by the concentration of enzyme 
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added; however, obtaining some of the enzymes can be challenging and expensive44 and the 

required substrates (e.g. hydrogen peroxide) may introduce indirect cytotoxicity effects. Click-

chemistry crosslinking techniques include Diels-Alder, Schiff base, oxime, and Michael-type 

addition reactions. In general, these reactions occur rapidly without the addition of other 

crosslinking groups and drive to high yields with minimal/no by-products under mild conditions, 

making them suitable for cell-encapsulation applications37. However, functionalization of the 

polymer precursors can involve somewhat complex chemical processes, suggesting the need for 

more scalable reactions to create polymers suitable for click chemistry crosslinking.  

For cell-encapsulation applications, the crosslinking method used to fabricate hydrogels is ideally 

bio-orthogonal in that the reaction does not take place with functional groups present in vivo. 

Polymers containing functional groups that react with amines or thiols could react with biological 

molecules possessing these groups (e.g. cell-surface proteins), a reaction that may affect the 

viability or signaling of the encapsulated cells45. Although physical crosslinking methods are often 

regarded as more cell-friendly, some physical crosslinking methods can also have off-target 

interactions in the body. For example, calcium ions used to fabricate many ionically-crosslinked 

hydrogels may interfere with the cellular pathways that naturally occur in the body45.  

In addition to bio-orthogonality, hydrogel networks that are dynamic compared to static are 

typically advantageous for better mimicking native ECM. Static hydrogels are useful for studying 

the fundamentals of cell encapsulation; however, the inability of cells to remodel their network in 

such systems oversimplifies the processes that occur in native tissue environments46. Conversely, 

dynamic hydrogel networks have reversible bonds that can break and reform as cells migrate and 

proliferate through the network, allowing for improved cell-cell and cell-material interactions as 

well as better ECM deposition which can all aid in tissue regeneration46, 47 (Figure 1.1). The 
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methods of cell-mediated remodeling and cell-hydrogel interactions will be explored in further 

detail in section 1.2.4.  Dynamic hydrogels also typically exhibit shear-thinning and self-healing 

properties that are advantageous in 3D bioprinting and injectable hydrogel applications, allowing 

the physical/chemical bonds to be broken when shear stress is applied (e.g. extrusion through a 

needle) but reform rapidly when the stress is removed48. This allows for pre-crosslinked materials 

(higher viscosity) to be extruded from a needle while still protecting the encapsulated cells from 

experiencing high shear rates which could impact their viability. In addition, self-healing hydrogels 

can repair themselves following mechanical damage. For example, in a study by Ding et al., 

dynamically crosslinked collagen-chitosan hydrogels could heal within 45 minutes after being 

fully cracked, avoiding potential failure of the implant upon mechanical stress49. 

 

Figure 1.1. Hydrogels with covalent dynamic bonds have similar properties to native ECM for improved 

cellular function. Adapted with permission47.  

 

While many physical crosslinking techniques are reversible and dynamic, they often result in 

hydrogels with low mechanical strength. In comparison, dynamic chemical crosslinking methods 

offer improved stability and thus improved potential to mimic the mechanical properties of soft 

tissues. A variety of dynamic chemical crosslinking pathways has been used for cell encapsulation 
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as summarized in Figure 1.2, including imine/Schiff Base, hydrazone, oxime, Diels-Alder, 

boronate ester,  and thiol-disulfide exchange crosslinking47. Work in our group has extensively 

explored the use of hydrazone crosslinking of poly(N-isopropylacrylamide) (PNIPAM)50 and 

POEGMA51 polymers via the in situ crosslinking of hydrazide and ketone/aldehyde-functionalized 

precursor polymers. The reaction between aldehyde and hydrazide groups occurs rapidly (seconds-

minutes), while the ketone/hydrazide reaction is significantly slower due to the electronic inductive 

effect and steric hindrance introduced by the alkyl group in the ketone. As such, the gelation time 

of such systems can be controlled to fit specific applications by altering the functional groups and 

their concentrations. In addition, while aldehydes are not bio-orthogonal given that they can react 

with the amine groups on proteins, ketones are much less reactive in that context and have more 

bio-orthogonal properties. 

 

Figure 1.2. Chemical reactions associated with common dynamic covalent crosslinking methods. Adapted 

with permission47. 

 



10 
 

1.2.3 Porosity in Hydrogels 
 

All hydrogels are intrinsically porous according to the space between the crosslinks within the 

swollen hydrogel network, a distance known as the mesh size that in most hydrogels lies between 

1-50 nm52. Optionally, larger pores (macropores) of up to hundreds of micrometers in diameter can 

also be introduced into hydrogels using a variety of techniques52-54. Relying on the hydrogel mesh 

alone for molecule transport in and out of the gel can limit the diffusibility of nutrients, wastes, 

encapsulated therapeutics, and/or encapsulated cells in or out of the hydrogel network; in 

particular, small pore sizes can hinder the diffusion of nutrients and other important molecules to 

encapsulated cells as well as waste products released from cells17, both of which could reduce cell 

viability and limit the therapeutic potential of the system. Hydrogels designed for active tissue 

regeneration applications typically require larger pore sizes (up to 350 µm) to allow space for 

tissue growth and blood vessel formation. In contrast, hydrogels designed for implantable cell 

therapeutics typically have smaller pores to permit the inflow of oxygen/nutrients and outflow of 

cell products/wastes while protecting the encapsulated cells from immune cells55. For example, 

Dandoy et al. identified that alginate/silica hydrogel beads with pore sizes of ~30 nm could provide 

encapsulated HepG2 cells with protection from immune cells (preventing immunorejection)56 

while allowing for relatively free diffusion of molecules in and out of the beads, as confirmed by 

the release of cell-secreted albumin into the surrounding environment57.  

Common methods to fabricate macroporous hydrogels include solvent casting, freeze 

drying/cryogelation, electrospinning, 3D printing, and in situ gas formation (Figure 1.3). Solvent 

casting, also know as salt or porogen templating, involves the formation of a hydrogel network 

around a porogen and the subsequent removal of the porogens following gelation to leave behind 

a porous network. Salt particles are commonly used as porogens as they are easily attainable and 
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come in a range of sizes. For example, Coogan et al. fabricated porous hyaluronic acid hydrogels 

by dispersing sodium chloride (NaCl) crystals into the polymer precursors and subsequently 

leaching the salt out into water post-gelation58. NaCl crystals with sizes ranging from <63 – 250 

µm were used, resulting in average pore areas of 0.0012 – 0.014 mm2 and porosities around 33%. 

While salt leaching is a simple and cost-effective technique that has been frequently used to make 

porous hydrogels59, any salt crystals remaining in the hydrogel can impact cell viability by making 

the cell environment hypertonic. To overcome this, other materials that are more cell-friendly have 

been used for porogen templating, including gelatin or poly(ethylene oxide) (PEO) beads60. Sokic 

et al. demonstrated the use of gelatin as a porogen to fabricate porous polyethylene glycol 

diacrylate hydrogels by adding gelatin beads to precursor solutions; the gelatin beads were 

removed following photopolymerization by incubating the hydrogels at 37 °C for 24 hr61. 

However, in any case, long porogen removal steps are typically required and incomplete porogen 

removal is typically achieved, resulting in non-uniform porosity within the hydrogels59.  

Freeze drying and cryogelation are commonly used methods to fabricate porous hydrogels that 

typically result in highly interconnected porous networks. In freeze drying, the water inside a 

hydrogel is frozen and then removed by sublimation, using the solvent crystals as the porogen62. 

This method differs from other methods as it is applied post-gelation but often suffers from 

challenges in effectively controlling pore size. Using similar principles but introducing porosity 

prior to gelation, cryogelation works by reducing the temperature to form solvent crystals in the 

polymer, polymerizing the network between the frozen crystals, and lastly thawing and removing 

the frozen crystals by increasing the temperature63. For example, Thomas and Shea fabricated 

porous PEG hydrogels by combining cryogelation and photopolymerization techniques64 by 

mixing a photoinitiator into the precursor polymer solution and freezing the gel to promote ice 



12 
 

crystal formation, after which UV light was used to polymerize the structure and the ice crystals 

were melted away. By varying the freezing temperature (-20 or -80 °C), the gelation time, and 

amount of photoinitiator, pore sizes between 27 – 37 µm could be formed. While sub-zero 

temperatures would impede the encapsulation of cells during the cryogelation process and 

typically represent a drawback of this technique, Thomas and Shea used temperatures of -80 °C 

for the freezing step, allowing for cryopreservation of the cells that enabled cell viabilities up to 

72% after thawing64.  

Electrospinning produces thin scaffolds composed of hydrogel fibers with nano-micrometer 

diameters, with the areas between fibers representing the porous regions. Fibers are created by 

applying a high voltage between polymer solutions being extruded through a needle and a 

conductive fiber-collection plate. Typically, polymers with higher molecular weights (e.g. PEO) 

are used to encourage fiber formation and not droplet formation; however, polymers lower in 

viscosity have also been used with additives to increase viscosity59, 65. Electrospun hydrogel 

scaffolds are advantageous for cell-encapsulation applications given that the nanofibers can more 

effectively mimic the native ECM structure, promoting cell adhesion and interaction with the 

hydrogel65.  The structure of the electrospun hydrogel can also be readily varied by controlling 

parameters such as the voltage, flow rate of the polymers, the distance to the collection plate, and 

the viscosity of the polymers. For example, Rnjak-Kovacina et al. showed a 20% increase in 

porosity in their elastin-based hydrogels when increasing the flow rate from 1 – 3 mL/h66. 

However, electrospinning is limited by the challenges inherent in controlling the size and 

morphology of the pores during the whipping process induced via electrospinning52, the presence 

of a high voltage, and the typical dry collection of the fibers, all of which can pose challenges with 

maintaining high cell viability during the electrospinning process. Work in our group has overcome 
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some of these issues by designing an all-aqueous reactive electrospinning strategy in which cells 

were co-spun with the polymer solutions (POEGMA + poly(ethylene oxide)), resulting in high cell 

viability (>83%) 1 hr after printing in air based on the water retention facilitated by the dynamic 

covalent hydrogel-based scaffold and good cell proliferation over 18 days67. 

 

Figure 1.3. Strategies for introducing pores into hydrogels. (A) Porous hyaluronic acid hydrogels fabricated 

via salt templating. Reproduced with permission58.(B) Conventional and pre-freezing cryogelation. Adapted 

with permission63.(C) Electrospinning. Adapted with permission from Dawson et al. Copyright 2023 

American Chemical Society65.(D) Bilayered porous gelatin-based hydrogels fabricated via 3D printing. 

Adapted with permission68. (E) Porous chitosan hydrogels fabricated using dense gas CO2 templating. 

Reproduced with permission69
. 
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3D printing is an emerging technique for the fabrication of porous hydrogels due to the high control 

over the shape and structure of the resulting scaffold that can be achieved. The desired structures 

are first designed using a computer aided design (CAD) program that is run by the printer, with 

the programmed structure printed layer-by-layer using a range of different printing methods (e.g. 

extrusion70, inkjet71, laser-assisted72). The main advantage of this method is that it allows for the 

size and morphology of the pores to be designed and replicated in the print, giving a high degree 

of control over the hydrogel structure. For example, to investigate the influence of pore size on 

nutrient diffusion to encapsulated cells, Gao et al. printed gelatin-based scaffolds with pore sizes 

of ~0.1-0.5 mm and found a significant increase in cell viability for cells encapsulated in hydrogels 

with larger pores68.  However, optimizing the crosslinking method/timing of the polymer can be a 

challenge in 3D printing; slow gelation times could result in low resolution and pore definition 

whereas fast crosslinking could cause clogging during the printing process. Printing in a support 

bath can reduce this drawback in that the bath allows the structure to stay intact until gelation, after 

which the support bath would be washed away70. Printing with pre-gelled or in-situ gelling 

hydrogels can also improve the resolution of the prints73, although the print resolution achievable 

with even the better 3D printers capable of cell printing is still relatively low compared to the 

feature sizes possible with other techniques like electrospinning. 

Fabricating porous hydrogels via gas formation involves the generation of gas bubbles prior to or 

during polymerization, resulting in the gas bubbles being trapped inside the hydrogel. The main 

mechanisms of generating gas include using a foaming agent or using dense gas. A foaming agent 

is a material that produces gas in certain conditions; for example, when sodium bicarbonate is in 

an acidic environment, carbon dioxide (CO2) is released74. To prevent the gas bubbles from rising 

to the top of the solution (resulting in non-uniform porosity), polymerization of the polymer 
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solution should occur immediately after gas formation and/or viscous polymers should be used74. 

Conversely, dense gas is used to fabricate porous hydrogels by introducing the gas into either gel 

precursor solutions or pre-formed hydrogels at high pressures followed by the release of the 

pressure that causes the gas to expand and evaporate. A one-stage pore forming process was 

proposed by Ji et al. in which chitosan was crosslinked after dense gas CO2 was added to the 

solution69. After depressurization, gas bubbles were generated to result in hydrogels with average 

pore diameters of 30 – 40 µm. The drawback of using gas formation is the randomness in pore 

generation, resulting in non-uniform pore sizes and often poor pore interconnectivity which is a 

significant drawback in tissue regeneration applications59. The pore-forming agent may also impart 

some cytotoxicity to cells, limiting the capacity for direct cell encapsulation in some cases. 

1.2.4 Cell-Hydrogel Interactions 
 

The interactions between hydrogels and encapsulated cells are important in determining cellular 

behaviour and viability. As hydrogels are typically used to replicate the native ECM, it is essential 

that the hydrogels can allow for the transport of biomolecules (e.g. growth factors, cytokines, 

enzymes) between cells and their surrounding environment as well as between different cells75. 

Three main mechanisms regulate the diffusion of molecules through hydrogels: steric hindrance, 

molecule binding, and degradation. From a steric perspective, the mesh size of hydrogels can limit 

the diffusion of molecules that are in the same size range as the hydrogel mesh, which can interfere 

with cytokine cues being sent between cells in hydrogels75. For example, Mahadik et al. reported 

higher autocrine signalling (same cell) in hydrogels with smaller mesh sizes and higher paracrine 

signalling (between cells) when the mesh size of the hydrogels was increased and intercellular 

diffusion of cytokines was less hindered76. Reversible or irreversible adhesion of molecules to the 

hydrogel matrix can hinder or enhance diffusion of molecules depending on their size. Small 
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molecules that bind to hydrogels would exhibit reduced diffusion compared to the same sized 

molecules that did not have strong matrix interactions; in contrast, larger molecules can be “pulled 

in” to the hydrogel via thermodynamically-favorable binding interactions75. Scaffold degradation 

over time (whether induced directly by enzymes secreted by cells or indirectly via hydrolysis, 

external enzymes, or external oxidizing agents)75 can also enhance diffusion through the gel 

network as crosslinks are broken and the mesh size is expanded. For example, Lueckgen et al. 

fabricated an alginate hydrogel with peptide crosslinks that could be degraded by cell produced 

metalloproteinases77, thereby programming the consequent molecule diffusion through the 

hydrogel as a function of time based on the metabolism of the encapsulated cells.  

The mechanics of the hydrogel scaffold also strongly affect cell-hydrogel interactions given the 

capacity of cells for mechanosensing, by which cells sensing the mechanics of the hydrogel via 

integrin interactions leads to changes in cellular behaviour78. As integrins adhere to the hydrogel, 

mechanical information is translated into biochemical signals which trigger intracellular signalling 

pathways, resulting in changes in cell morphology by altering the actin cytoskeleton75. The actin 

cytoskeleton is directly involved in cell migration by controlling the protrusion of filipodia through 

the balance of the polymerization of actin (causing forward motion) and actomyosin contraction 

in the opposite direction (retrograde motion)75. Therefore, the mechanics of the hydrogel have a 

direct impact on cell spreading, with stiffer hydrogels (smaller mesh size) impeding cell migration. 

In a study by Vasudevan et al, faster and further cell migration was seen in softer hydrogels 

compared to stiffer hydrogels79. However, the use of dynamic or enzyme-labile crosslinks may 

allow for stronger gels to be used in conjunction with improved cell mobility as the cells can 

rearrange the network to make space for migration and/or locally soften the hydrogel77, 80. Indeed, 

to allow for cell division, the cells should be able to create space by remodelling or degrading the 
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network, typically requiring soft and/or degradable hydrogels75. For example, Xu et al. showed 

that significantly increased cell expansion could be achieved in dynamic gelatin-based hydrogels 

compared to non-dynamic hydrogels with similar stiffness81. 

The strength of adhesion between the cells and hydrogel also impacts cell mobility. Adhesion sites 

throughout the hydrogel (whether specific or non-specific) are important for cell attachment and 

mechanosensing; however, excessive adhesion could hinder cell migration and thus result in 

localized overcrowding of cells and/or spheroid formation75. For example, Le Saux et al. showed 

that increasing the concentration of arginine-glycine-aspartic acid (RGD), a common cell-adhesive 

peptide, resulted in an increase in cell spreading until a certain point, after which reduced spreading 

was observed82.  

Collectively, these observations require the design of hydrogels with proper mechanics, optimized 

pore sizes, and relevant chemistries to facilitate their use as matrices for cell therapeutics. 

Specifically, in cell therapy applications focused on the long-term release of therapeutics from the 

encapsulated cells and not cell/tissue growth, pore sizes should be large enough to permit 

biomolecule diffusion but small enough to hold cells within the gel and the mechanical 

properties/degradability should not promote excessive cell migration. 

1.3 Hydrogel Particles  
 

Depending on their size, hydrogels can be classified as bulk gels or hydrogel particles (which can 

be further classified as micro- or nanogels). While the size range for each class of hydrogel is not 

completely agreed upon in literature, for the purpose of this thesis nanogels and microgels will be 

classified as hydrogel particles with dimensions between 1-1000 nm and 1-1000 µm respectively83-

86, while hydrogels larger than these sizes will be referred to as bulk gels. While all sizes of 
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hydrogels can be relevant for use in biomedical applications, this thesis will focus only on the 

fabrication of microgels. The size, shape, and structure of microgels can be controlled and 

optimized depending on the specific application. Although spherical microgels are most common, 

microgels have also been fabricated as rods, discs, plugs, and hemispheres87, 88. In addition, 

microgels can be composed of a single phase or with complicated structures including core-shell89 

and double/triple emulsions90.  

Microgels are advantageous for cell therapy applications as their smaller size allows for improved 

diffusion of biomolecules in and out of the gel phase to better support cell viability, particularly 

the long-term cell viability required for cell therapeutics. In addition, the size of microgels often 

allows them to be injectable through small needle gauges, avoiding the need for invasive surgeries. 

Although bulk gels can be injectable by using shear-thinning gels or double-barrel syringes, they 

will typically reform into bulk gels after injection. Thus, to achieve the benefits of both injectability 

and short diffusional path lengths, microgels are generally preferred.  

To control biomolecule and/or cell transport in and out of microgels, porosity may be introduced 

into microgels as it can be in bulk hydrogels using many of the methods described in section 1.2.3. 

For example, porogen templating has been applied in a microfluidic platform in which PEO was 

incorporated into gelatin-based droplets and then removed by immersing the microgels in PBS 

after crosslinking60. An increase in PEO resulted in an increase in pore size up to ~50 µm in 

diameter, with pancreatic β cells encapsulated in the porous microgels showing increased insulin 

secretion compared to just β cells alone. Xia et al. fabricated porous poly(L-glutamic acid) (PLGA) 

and chitosan-based microgels via freeze-drying at -20 °C, resulting in average pore sizes of 38 µm 

and high porosities of 88%91. Adipose stem cells seeded onto the microgels showed good cell 

viability after being injected through a 30 gauge needle. While gas foaming is not commonly 
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reported in literature for porous microgel fabrication, gas bubbles were generated from ammonium 

bicarbonate encapsulated within PLGA microparticles, resulting in an open porous structure that 

could be controlled with the amount of ammonium bicarbonate used92. Cells seeded on the 

particles mostly remained close to the surface while weakly adhered cells detached, suggesting 

that a pore foaming method that allowed for simultaneous cell encapsulation may allow for better 

cell retention and proliferation within the particle. Some of the other pore generation methods, 

such as electrospinning and 3D printing, are not commonly used for porous microgel fabrication, 

with electrospinning in particular challenging to translate to the microgel scale. 

1.4 Microgel Fabrication Techniques 
 

Many methods have been developed to fabricate microgels including molding, emulsification, 

mechanical fragmentation, electrohydrodynamic spraying, microfluidics, and 3D printing. 

Molding: Molding techniques in which microgels are made by placing the precursor 

monomer/polymer solution into predesigned molds and then crosslinking through various 

mechanisms (e.g. temperature change or UV exposure)93 offer the potential to create microgels 

with precise control over their shape and size with high monodispersity, low cost, and ease of use. 

However, scaling up the process is challenging due to the large amount of molds required as well 

as the time-consuming removal steps that are typically required94.  

Emulsification: Batch emulsification techniques in which water-in-oil emulsions are created by 

mixing an aqueous phase (polymer) with an oil phase, the polymer phase is crosslinked to form a 

hydrogel, and the oil phase is removed represent another leading strategy for microgel 

fabrication94. This method is simple as well as time- and cost-effective; however, it often suffers 
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from higher polydispersity compared to other methods. Full removal of all of the oil from the 

microgels can also be challenging, posing potential cytotoxicity challenges upon implantation95. 

Mechanical fragmentation: Unlike other methods whose starting materials consist of polymer 

precursors, mechanical fragmentation begins with a bulk hydrogel and uses mechanical forces to 

break it into smaller particles. For example, Widender et al. fabricated microgels by homogenizing 

bulk PEG-based hydrogels, creating irregular shaped particles with an average diameter of 132 µm 

and a polydispersity of 0.3196. Although this method is simple to use, the low control over the size 

and shape of the particles significantly limits its application. In particular, the non-spherical shapes, 

high relative surface areas, and large small particle fractions typically induced by mechanical 

agitation can all result in non-ideal inflammatory/cell responses. 

Electrohydrodynamic spraying: Electrohydrodynamic spraying involves the extrusion of a 

polymer solution through a needle to which a voltage is applied, resulting in the formation of 

droplets that can be collected in a bath in which crosslinking is induced97. While poor microgel 

monodispersity is often reported with this method, electrohydrodynamic spraying offers many 

adjustable parameters that can be optimized to control the size and shape of the microgels including 

the voltage, diameter of the needle, and flow rate of the polymer; optimization of the latter 

parameter has been shown to be particularly beneficial for reducing the polydispersity of the 

resulting microgel population98. However, the throughput of this method is relatively slow 

compared to methods such as emulsification and mechanical agitation. 

Collectively, none of these methods offers the combined advantages of both size/shape control and 

scalability, driving the development of alternative methods. In the following sections, we will 

focus on two methods that are emerging for this purpose: microfluidics and 3D droplet bioprinting. 
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1.4.1 Droplet-based Microfluidic Techniques 
 

Relative to the methods described above, droplet-based microfluidics is one of the most effective 

technologies to produce microgels due to its superior control over the fabrication process as well 

as ability to precisely tune the structure, composition, and size of the microstructures while 

allowing for high throughput if multiplexed99, 100. The basic principle of microfluidics involves the 

control of fluid flow in microenvironments101, 102, as microfluidic devices typically consist of a 

series of channels, reservoirs, and valves in micro-scale that are patterned on a substrate such as 

glass, silicon, or polymers 102-105. The microchannels are usually between a few to a few hundred 

micrometers in size, and the fluid flow can be controlled precisely using external stimuli. From a 

technological perspective, the behavior of fluids at the microscopic level can exhibit substantial 

differences compared to what is typically observed at the macro-scale, facilitating the fabrication 

of structures or materials that are unattainable at macroscales 106, 107.  

There are many types of droplet-based microfluidic devices, including chip-based108, capillary109, 

3D printed110, digital111, and valve-based112. Chip-based microfluidic devices are most commonly 

used and work by controlling the flow of fluids through microchannels of varying geometries to 

produce monodisperse microgels. Continuous phase (usually oil-based) and dispersed phase 

(usually aqueous polymer-based) fluids are typically introduced into the inlets of the microfluidic 

chip using syringe pumps, with the microgels formed within the microchip and subsequently 

collected upon elution from the outlet tubing113. By varying the channel geometry and/or the flow 

rate of the inlet fluids, the size, shape, and composition of the microgels can be controlled114, 115. 

The microchips can be made of various materials, with the most common material being 

polydimethylsiloxane (PDMS). PDMS is a transparent and hydrophobic elastomer (typically 

polymerized using a two-component kit) that is permeable to gas, compatible with biological 
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fluids, highly formable, and inexpensive to manufacture, making it an ideal candidate for the 

fabrication of microchannels99, 116. PDMS is also ideally suited to use in soft lithography, a facile 

way to make multiple copies of highly detailed microchips38, 117-119. In this process, a wafer mold 

is first fabricated by designing a patterned photomask templating the desired microchannels, 

placing it on a photoresist-coated silicon wafer, and exposing the coated wafer to UV light. The 

UV exposure imprints the desired microchannel pattern on the wafer by crosslinking the 

photoresists at the exposed area, resulting in the fabrication of a mold. A PDMS mixture is then 

poured onto the mold and heated to facilitate the PDMS curing, after which the cured PDMS slab 

imprinted with the desired microchannel pattern is removed from the mold. The inlet and outlet 

connections are created by punching holes through the PDMS slab, which is then bonded to a solid 

support (typically a glass slide, although potentially also another PDMS slab) to create the 

microfluidic chip38. PDMS is flexible, with the degree of flexibility tunable to meet specific needs, 

and permeable to gases, which is beneficial for cell encapsulation and tissue engineering 

applications to allow for respiratory exchange and cell viability120. As an alternative to PDMS, 

poly(methyl methacrylate) (PMMA) has also been used for chip fabrication based on its 

compatibility with physiological fluids, optical transparency, low cost, and ease of manufacturing 

given that PMMA fabrication does not require clean room facilities121. Unlike PDMS, PMMA does 

not typically swell in contact with organic solvents, which could potentially expand the use of 

microchips to applications that require the use of polar solvents122. However, in contrast to PDMS, 

PMMA is gas impermeable and much stiffer, both properties that may pose challenges in some 

cell-related applications. 

To produce microgels from chip-based devices, continuous and dispersed phases flow through 

their respective channels until they meet at a junction. Droplets are then rapidly formed at the 
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junction as the shear stress of one of the fluids (typically the continuous phase) overcomes the 

interfacial tension of the other fluid (typically the dispersed phase)123, 124. The balance between 

these forces is represented by the capillary number (Ca), with droplet formation occurring at the 

critical Ca dependent on the interfacial tension and the viscosity and velocity of the continuous 

phase125, 126. To demonstrate the effect of Ca on microgel formation, Celetti et al. held all other 

variables constant while varying Ca by changing the continuous phase flow rate125.  As seen in 

Figure 1.4A, when Ca was within a certain range, droplet formation was stable and the microgels 

were monodisperse; however, unstable droplet formation occurred outside of this range. The size 

of microgels produced from microchips is thus dependent on the flow rates and viscosities of the 

fluids as well as the size of the microchannels, all of which are adjustable parameters for producing 

microgels of desired diameters124, 125. Dang et al. investigated the effects of these factors on the 

size of PEG microgels using a PDMS flow-focusing microchip127. Doubling the width of the 

microchannels reduces the velocity of fluid and thus increases microgel diameter, increasing the 

continuous phase flow rate increases the fluid velocity and thus decreases the microgel diameter, 

and increasing the dispersed phase flow rate leads to an increase in diameter due to more of the 

dispersed phase volume being injected into each droplet. It is important to note that the flow rates 

can only be varied to values within a certain range to maintain an acceptable ratio of the continuous 

and dispersed phase flow rate, with flow rates outside of this range resulting in unstable droplet 

formation127.   

Two main microchannel junction geometries are used for microgel fabrication: T-junction and 

flow-focusing. T-junction geometries consist of a continuous phase channel and a single 

perpendicular dispersed phase channel; in contrast, flow-focusing geometries typically consist of 

a single inner dispersed fluid channel with two outer continuous fluid channels approaching it from 



24 
 

either side (Figure 1.4B). In both cases, the shear force of the continuous phase flow breaks the 

dispersed phase flow into droplets that are then subsequently crosslinked to form microgels128, 129. 

While both geometries form monodisperse microgels, T-junctions perform best at lower Ca 

numbers while flow-focusing geometries perform better at higher Ca numbers130. Although T-

junction devices are simpler with only one inlet (compared to flow-focusing chips that have two), 

flow-focusing chips produce droplets at a faster rate130, leading flow-focusing microchips to be the 

most commonly used microfluidic devices for microgel fabrication88, 108, 113, 127, 131. Several 

modifications have been made to the typical flow-focusing geometry to address the specific 

challenges of gelling the microfluidic emulsion droplets formed into microgels132, 133. For example, 

a study done by Ahmed et al. combined a flow-focusing junction with a picoinjection site to 

produce crosslinked alginate microgels38. Microgels were first fabricated using the flow-focusing 

mechanism in which alginate was pinched off by an oil phase followed by a picoinjection site in 

which a calcium solution was merged into the alginate droplets via electrocoalescence to crosslink 

the microgels. Alterations have also been made to the flow-focusing design to produce core-shell 

or higher order emulsions134-136. For example, O/W/O double emulsion magnetic microgels were 

fabricated using two flow-focusing junctions in series137, with a magnetic oil solution formed into 

droplets by the shear stress from an aqueous solution at the first flow-focusing junction followed 

by a secondary oil phase pinching off the oil-in-water emulsion from the first step to make aqueous 

microgels encapsulated with a magnetic fluid in the second flow-focusing junction (Figure 1.4C). 

In principle, any composite microgel with any number of phases could be fabricated using a similar 

approach. 

Although flow-focusing devices rapidly fabricate microgels, throughput is still limited given that 

the geometry inherently only allows for one droplet to be produced at a time. To overcome this 
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challenge, Headen et al. developed a two-layer microfluidic device with six flow-focusing 

junctions in parallel138. On the lower layer, the dispersed and continuous phase meet at six parallel 

junctions to form the droplets which subsequently travel to the top layer to merge with a 

crosslinking agent, after which all channels are merged together to exit the chip (Figure 1.4D). 

The addition of the parallel flow-focusing junctions increased the microgel throughput by 600% 

without affecting either the monodispersity or size of the microgels when compared to single 

channel devices. 

 

Figure 1.4. Chip-based microfluidic devices for microgel fabrication: (A) Diagram illustrating (a) 

elongation flow, (b) stable emulsions, and (c) unstable emulsions from a flow-focusing device based on the 

dispersed phase flow rate (Qp) and the capillary number (Ca)125; (B) Image of a flow-focusing device and 

the droplet formation region108; (C) Schematic of flow-focusing junctions in series to produce O/W/O 

double emulsions. Depending on the flow rates used, the microgels can have one or two encapsulated 

cores137; (D) Schematic of a parallel microfluidic device with six flow-focusing junctions to produce 

microgels at an increased rate138. Adapted with permissions108, 125, 137, 138. 
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Flow-focusing microfluidics is commonly used for cell-laden microgel fabrication due to high 

throughput of monodisperse droplets and the ability to encapsulate cells on-chip, avoiding 

secondary cell seeding steps that typically lead to non-homogeneous cell distributions and/or lower 

cell densities133. Good short and long term cell viability has been reported, with minimal cell death 

induced during the microgel formation process as well sufficient biomolecule diffusion over time; 

for example, Jiang et al. reported >90% cell viability immediately after microgel formation and 

>40% viability after 30 days120. However, there are significant challenges associated with cell 

aggregation and settling in microfluidic tubing given the relatively slow nature of microfluidic 

production processes, a phenomena that can negatively affect microgel monodispersity and 

consistent cell encapsulation. Headen et al. overcame many of these issues by using a density 

gradient media to prevent cell settling, increasing trypsin incubation time to prevent cell 

aggregation, and using Pluronic to prevent cells from adhering to microchannel walls138. In 

addition, more consistent cell encapsulation with fewer empty microgels and higher cell viability 

was observed when wider junctions were used.  

Direct cell encapsulation using microfluidics is also challenged by chemical compatibility with 

cells. To allow for in-situ cell encapsulation, the crosslinking mechanisms used for microgel 

formation must be cytocompatible. For example, Mora-Boza et al. crosslinked chitosan using a 

combination of the anti-oxidant glycerylphytate (G1Phy) and tripolyphosphate (TPP) crosslinkers, 

maintaining cell viability of >60% over 10 days relative to the 13% viability observed when only 

TPP was used133. In addition, most microfluidic chips create emulsions using a continuous oil 

phase to which cells are exposed, requiring oil-extraction steps and resuspension of the microgels 

in an aqueous phase that can be time-consuming and in some cases require lower viscosity organic 

solvents that can induce additional cell toxicity challenges. Indeed, it is documented that microgels 
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being suspended in oil for too long, cytotoxic oil extraction steps, and/or remaining oil on the 

microgels can all reduce cell viability139, 140. To overcome this, aqueous two phase (ATPS) 

microfluidic systems have recently attracted significant attention; for example, Liu et al. leveraged 

the inherent phase separation between dextran- and PEG-rich aqueous solutions as an oil-free 

system to fabricate cell-laden microgels139. However, it should be noted that the injection force of 

the continuous phase often needs to be periodically varied when ATPS emulsions are used to assist 

in droplet formation, as the interfacial tension between dextran- and PEG-rich solutions is much 

lower than that between aqueous and oil phases. 

As mentioned in section 1.3, porous microgels are fabricated through various techniques to further 

improve molecule diffusion and cell viability. However, there are limited studies in which pore 

generation techniques have been applied in microfluidic platforms. Porous PEGDA microgels 

were fabricated using PEG as a pore forming agent for bioassay applications, but 4 h of washing 

was required for PEG removal141. To our knowledge, there is to-date no publication focused on in-

situ macro/micropore generation with simultaneous cell encapsulation in microgel-based 

microfluidic processes.  

1.4.2 3D Droplet Bioprinting  
 

Although 3D bioprinting is typically associated with the fabrication of bulk hydrogel structures, 

some 3D printing techniques have been developed to facilitate microgel production. Similar to 

microfluidics, droplet-based bioprinting (DBB) techniques offer a high degree of control over the 

volume and placement of each droplet as well as cell positioning within the droplets142, making it 

particularly amenable to the fabrication of cell-encapsulating microgels. Regardless of the DBB 

technique used, polymers mixed with cells (referred to as the bioink) are ejected as droplets from 

a nozzle onto a substrate. The placement and volume of each droplet can be pre-determined by a 
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user-designed CAD program which controls the movement of the printhead, the substrate platform, 

and other parameters that control the volume of the droplet such as the ejection speed143. The 

interaction between the droplet and the printing substrate is important in DBB since non-optimized 

interactions could result in spreading or splashing of the droplets, resulting in undesired droplet 

size and location142; more specifically, both the properties of the droplets (e.g. density, velocity, 

and surface tension) as well as the properties of the substrate (e.g. wettability, roughness, and 

viscous forces) must be optimized to achieve monodisperse and spherical printed microgels142. In 

addition, the speed of the crosslinking technique used to convert the droplet into a microgel will 

also influence the location/shape of the resulting microgel. More rapid crosslinking techniques 

such as photocrosslinking143, 144, printing/spraying of an in situ-crosslinking agent on top of printed 

droplets142, or printing onto a substrate coating with a crosslinking agent145 are typically preferred 

to minimize droplet spread/evaporation prior to gel formation.  

Inkjet bioprinting, in which pressure pulses force droplets to be ejected from a nozzle, is the most 

commonly used DBB method for the 3D printing of droplets. Pressure pulses can be generated 

through thermal, piezoelectric, or electrostatic effects146-148. Yamaguchi et al. demonstrated the use 

of a piezoelectric-based inkjet printer to fabricate cell-laden microgel beads in which the voltage 

applied to the piezoelectric element causes it to deform and generate pressure in the bioink 

chamber, leading to the ejection of a droplet149. Thermal inkjet printers generate air bubbles 

through heating to create pressure pulses, with the very short duration of the heating typically still 

suitable for maintaining cytocompatibility during the process. For example, Cui et al. heated cell-

laden PBS to a maximum of 46 °C over 2 µs to enable thermal ink jet printing; the droplets cooled 

back to room temperature within a few seconds with no negative effect on cell viability (~89%)150. 

A key problem associated with inkjet bioprinting, however, is the aggregation and/or sedimentation 



29 
 

of cells in the bioink reservoir over time, which can negatively affect both the print quality and the 

even distribution of cells in the droplets. To overcome this, Liu et al. introduced active circulation 

into the bioink reservoir which was able to maintain  uniform cell concentration in the reservoir 

and reduce cell aggregates at both low and high cell concentrations151.  

Of note, due to its ability to print microgels in specific locations, DBB is often used to print larger 

3D structures in which the microgels are used as building blocks to create larger structures or 

biological models19. For example, Wei et al. printed two overlapping gelatin-based microgels, one 

encapsulated with tumor cells and the other with fibroblast cells, to investigate the behavior of 

tumor invasion144. 

 

Figure 1.5. 3D printed techniques for microgel fabrication: (A) Schematic of the droplet formation process 

of piezoelectric-based inkjet printers with images of the corresponding droplets149; (B) Schematic of an 

inkjet bioprinter with circulation in the bioink reservoir to prevent cell aggregation151; (C) Overview of a 

DEP set-up for the fabrication of cell-encapsulated microgels143; (D) Schematic and images of a DEP printer 

nozzle dispensing droplets while being submerged in a support bath for spheroid formation152. Adapted 

with permission143, 149, 151, 152. 
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More recently, dot extrusion printing (DEP) has been developed for cell-laden microgel fabrication 

to overcome some of the challenges associated with DBB processes. DEP operates similarly to 

conventional extrusion printing and possesses the same advantages of extrusion bioprinting (e.g. 

low cost, ease of use, and high cell densities153); however, while conventional extrusion bioprinting 

aims to eject the bioink as a continuous filament, in DEP the bioink is intermittently ejected to 

produce single droplets instead of lines/filaments, with cell viabilities up to 95% being reported143-

145. The size of the resulting microgels can be controlled by varying the nozzle diameter and the 

printing pressure. For example, Kim et al. increased the printing pressure for a decellularized ECM 

(dECM) bioink from 10-16 kPa and reported an increase in microgel diameter from ~600 – 1100 

µm154. The ability to control the movement of the print head and only deposit droplets at pre-

defined locations allows for single droplets to be deposited in confined spaces (e.g. in a 96-well 

plate, an approach used by Lawlor et al. for studying single organoid formation155) or to print 

droplets in close proximity to form larger structures over time156.  

Due to the relatively recent introduction of DEP for cell encapsulation, only a few bioinks have 

been studied to-date including gelatin/gelatin methacrylate (GelMA)19, 144, dECM154, and 

alginate145. Gelatin and GelMA are particularly widely used as they can be printed in a sol-gel 

phase by changing their temperature, which aids in minimizing splashing/spreading when the 

droplet reaches the substrate; GelMA can also be easily crosslinked following printing through 

photopolymerization143, 144. dECM is advantageous due to its biological properties, while alginate 

can be used in addition to dECM152 or as a standalone, exploiting its rapid ionic crosslinking to 

physically entrap dECM or other additives and/or give secondary crosslinking strategies sufficient 

time to set while maintaining droplet shape fidelity. For example, Jia et al. printed alginate droplets 
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on a gelatin substrate containing CaCl2 that was subsequently placed in an incubator to allow for 

dissolution of the gelatin and release of Ca2+ to initiate crosslinking145.  

As with DBB printing, the wettability and mechanics of the printing substrate should be carefully 

considered to minimize splashing and spreading. Fluoropolymers (e.g. Teflon144 and 

fluoroethylenepropylene19) are typically the lead choices for this purpose given their high 

interfacial free energies that cause the printed droplet to bead up on the surface, preventing non-

uniform spreading to maximize bead homogeneity. To avoid splashing and spreading entirely, 

some DEP set-ups involve the dispensing nozzle being submerged in a support bath. For example, 

Park et al. dispensed a bioink composed of dECM and alginate into a CaCl2-containing support 

bath that both prevented splattering while also crosslinking the droplets into microgels152. This 

approach has also been used for the purpose of spheroid formation by printing a bioink composed 

of cells and a sacrificial bioink into a support bath; as the bioink is removed, the cells are held in 

place by the support bath to facilitate uniform cell spheroid formation157.  

Overall, DEP is a promising microgel fabrication technique that has already been shown to 

successfully encapsulate high cell densities with good maintained cell viability. However, to-date 

relatively few bioinks and crosslinking mechanisms have been explored, with a particular need to 

develop a bioink chemistry amenable to DEP that does not require additional post-printing steps 

(e.g. photocrosslinking and support bath removal) for microgel isolation that can both decrease 

costs and increase the cell viability achievable within the microgels. 
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1.5 Objectives 
 

The overall objective of this thesis is to leverage dynamic hydrazone crosslinking of functional 

copolymers based on POEGMA and/or zwitterionic anti-fouling chemistries to fabricate injectable 

microgels using microfluidic flow focusing geometries and 3D droplet bioprinting that allow 

sufficient biomolecule diffusion to support the survival, growth, and performance of encapsulated 

cells for potential applications in both cell therapeutics. This thesis consists of the following two 

experimental chapters: 

(1) Chapter 2, “Microfluidic Fabrication of Porous Microgels Using Perfluorocarbon as a 

Pore Forming Agent”. This chapter investigates the use of a microfluidic platform that 

enables the in-situ mixing of hydrazide and ketone/aldehyde functionalized POEGMA 

polymers to fabricate cell-laden porous microgels for cell therapy applications. The 

incorporation of pores into microgels via the cytocompatible evaporable 

perfluorocarbon-based pore forming agent (similar to those already used in vivo for 

ultrasound imaging) is hypothesized to improve diffusion of biomolecules through the 

gel compared to non-porous microgels, potentially improving the viability and 

proliferation of encapsulated cells. 

(2) Chapter 3, “3D Printing of Disk-Like Cell-Loaded Hydrogel Particles Using 

Hydrazone-Ketone Dynamic Crosslinking”. This chapter explores the use of droplet 

extrusion bioprinting to produce cell-laden microgels via a one-step method by 

leveraging long crosslinking times of pre-mixed dynamic covalent crosslinked 

DMAPS-OEGMA co-polymers. The single step microgel fabrication, which under 

specific conditions is shown to create disc-like microgels with dimensions below the 
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critical diffusion pathlength for nutrients (<150 microns), is advantageous compared to 

many other 3D printing techniques which often require post-printing crosslinking steps. 

The effect of the printing parameters on the properties and dimensions of the microgels 

were investigated and optimized, which coupled with the highly anti-fouling properties 

of the scaffold material suggest potential future applications as long-term cell 

therapeutics. 
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Chapter 2: Microfluidic Fabrication of Porous Microgels Using 

Perfluorocarbon as a Pore Forming Agent 
 

The introduction of larger pores in hydrogel networks is beneficial in cell therapy applications to 

improve nutrient, waste, signaling molecule, and cell product diffusion in and out of the scaffold. 

However, methods for creating such larger pores are often incompatible with simultaneous cell 

encapsulation and/or are difficult to perform on the micro-scale. Herein, a droplet-based 

microfluidic platform is used to fabricate polymer droplets containing perfluoropentane emulsions 

that evaporate when heated to physiological temperature. By matching the perfluorocarbon 

evaporation rate with the in situ dynamic crosslinking kinetics of the droplets into microgels, 

porous microgels of diameter ~80-120 µm were fabricated with varying degrees of porosity that 

demonstrated improved macromolecule diffusion compared to similarly sized microgels prepared 

without the pore-forming agent. Furthermore, HepG2 cells encapsulated in porous microgels 

showed significantly higher cell viability (~96%) compared to nonporous microgels (~76%) after 

10 days, suggesting improved transport of nutrients of wastes. This in situ pore generation and 

microgel crosslinking strategy allows for the one-step fabrication of porous cell-laden microgels 

for cell therapy applications. 
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2.1 Introduction 
Hydrogels are commonly used as the scaffold material for cell therapy applications due to their 

high water content, favourable mechanical properties, capacity to immunoisolate encapsulated 

cells, and resemblance to the native extracellular matrix (ECM)1, 2. To successfully support cell 

encapsulation, the efficient diffusion of nutrients, products, and wastes through the hydrogel 

network is critical; furthermore, for the use of encapsulated cells as cell-based therapeutics, 

effective transport of the cell products out of the gel and/or cell signaling molecules into the gel is 

also required for effective biomimetic feedback mechanisms to function. While all hydrogels have 

some inherent porosity that can be controlled based on the degree of hydration of the constituent 

polymers and the crosslink density of the gel network (referred to as the mesh size), typical mesh 

sizes of hydrogels range between 1-50 nm3-5. Porosity at this scale may limit solute diffusion 

through the 3D network, affecting both the cell viability and the therapeutic potential of the 

encapsulated cells, in addition to negatively affecting both the proliferation of cells throughout the 

scaffold as well as the deposition of ECM that can disrupt cell migration and signaling6.  

In response, macropores have been introduced into hydrogels using a range of techniques that can 

be broadly classified into templating and kinetic methods. Templating methods involve the use of 

foams, emulsions, or solid particles as static sacrificial templates that are subsequently removed to 

generate the porosity; in contrast, kinetic methods including phase separation, electrospinning, 

freeze-drying, 3D printing, and gas generation create the porosity simultaneous to the fabrication 

of the gel network4. However, in either case, pore generation often relies on cytotoxic 

components/conditions as well as specialized equipment that may not be easily accessible7. Gas 

generation in which a gas is produced concurrently with the gelation of the hydrogel (either by the 

initiation of a gas-generating reaction or changes in pressure/temperature)4, 7 is among the most 
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flexible of such methods in terms of facilitating the use of a wide range of gel-forming materials, 

avoiding the use of solvents, and not requiring advanced fabrication equipment7.  For example, 

porous poly(ethylene glycol) diacrylate hydrogels were fabricated by adding acrylic acid and 

sodium bicarbonate to the polymer solution, triggering the generation of carbon dioxide (CO2) gas 

that templated hydrogel pores by simultaneous gelation via ultraviolet light exposure8. Alternately, 

high pressure CO2 can be used as a gas generating agent by dissolving the pressurized gas within 

the polymer solution at high pressure and gradually reducing the pressure to induce evaporation 

and thus gas bubble generation on the same timescale as gelation9, 10. However, the reaction 

components or conditions (e.g. low pH) as well as the temperatures/pressures used in such 

processes are not compatible with cells, requiring cells to be seeded onto the outside of the 

hydrogel after the porous hydrogel has been fabricated instead of being directly incorporated into 

the hydrogel during the fabrication process.  

Low-boiling point perfluorocarbons (PFCs) represent a non-toxic and biologically compatible gas 

generating agent with the potential to fabricate macroporous hydrogels in the presence of cells. 

PFCs have been widely used in biomedical applications including medical imaging11, drug 

delivery12, theranostics13, and oxygen delivery14, 15, taking advantage of their tissue compatibility. 

Previous work in our lab has demonstrated the specific use of perfluoropentane emulsions to form 

macroporous injectable hydrogels16. In this context, perfluoropentane emulsions (boiling point = 

29 °C) were mixed with hydrazide- and aldehyde-functionalized precursor polymers based on 

poly(oligoethylene glycol methacrylate) (POEGMA) and extruded through a double barrel syringe 

into a centrifuge tube immersed in a 37 °C water bath (in vitro studies) or into mice (in vivo 

studies); the in situ heating of the perfluoropentane upon exposure to physiological temperature 

induced its evaporation on the same timescale as hydrogel crosslinking via hydrazone bond 
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formation, resulting in macroporous scaffolds. The porosity of the hydrogels could be tuned by 

varying the concentration of perfluoropentane emulsions used, with the highest tested 

concentration resulting in a macroporosity of 28%. Successful cell encapsulation was observed 

with a significant increase in myoblast viability in the macroporous scaffolds compared to 

scaffolds fabricated without perfluoropentane emulsions after 14 days. In addition, in vivo studies 

showed minimal inflammation after 28 days, suggesting the use of these hydrogels for cell therapy 

or tissue engineering as a non-invasive injectable macroporous scaffold. However, in a bulk gel 

context, the out-diffusion of the gas occurs over an extended time period due to the larger length 

scale of both heat transfer (to induce evaporation) and mass transfer (to remove generated gas), 

resulting in a relatively broad pore size distribution consistent with most gas generating processes; 

furthermore, at the higher perfluoropentane loadings required to achieve higher porosities, bulk 

gels can result in undesirable gas accumulation at the injection site. 

The pre-fabrication of macroporous microgels offers the potential to address the drawbacks of bulk 

injectable hydrogels in this context. The high surface area to volume ratio of microgels can enhance 

heat transfer and gas diffusion during the pore generation process, offering the potential to create 

more uniform macropores on the timescale of microgel gelation. Furthermore, microgel fabrication 

and cell encapsulation can be conducted outside the body while still retaining the potential for 

injectability, reducing or eliminating any risk of local gas accumulation in vivo. Among the 

numerous methods used to fabricate microgels for cell encapsulation including 

electrohydrodynamic spraying17, photolithography18, and bioprinting19, microfluidics offers 

particular advantages due to its ability to precisely control the flow of fluids and fine tune the size 

and shape of monodisperse droplets20. While microfluidic strategies have been successfully 

applied to create microgels crosslinked using in situ-gelation strategies21, 22, precise control over 
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the gelation rate is required to avoid issues with clogging inside the microfluidic chip23. In 

particular, the faster gelling formulations designed for bulk hydrogel formation (as required to 

minimize diffusion of the precursor polymers away from the injection site) are not necessarily 

desirable in a microfluidic fabrication context given that the crosslinking reaction can be confined 

within a water-in-oil droplet and continuous flow through narrow microfluidic channels is required 

for large-scale microgel production. 

Herein, we demonstrate the microfluidic fabrication of macroporous microgels with high porosity 

and relatively uniform pore sizes by combining perfluoropentane emulsions with hydrazone-

crosslinked POEGMA hydrogels with engineered gelation times. To reduce the gelation time 

without compromising the final crosslink density we leveraged previous work in our group that 

showed the potential of ketone-functionalized polymers to facilitate hydrazone crosslinking but 

with much slower gelation rates relative to the less sterically hindered (and more chemically 

reactive) aldehyde groups24. By preparing a single electrophile precursor polymer containing a 

mixture of ketone and aldehyde functional groups, the gelation rate upon mixing with the 

hydrazide polymer can be tuned to facilitate cell-compatible in situ gelation and on-chip microgel 

fabrication while avoiding clogging of the channels. The controlled temperatures applied 

throughout the process can regulate the rate of perfluoropentane evaporation to match the rate of 

gel formation to create well-defined macropores, with the bioinertness of both the hydrazone 

crosslinking chemistry and the perfluoropentane emulsions allowing viable cells to be incorporated 

into the microgels directly during the fabrication step. The potential use of the porous microgels 

as a cell therapeutic was demonstrated through mechanical testing, permeability studies, and cell 

viability studies with human liver cancer (HepG2) cells. 
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2.2 Experimental 

2.2.1 Materials 
Poly(ethylene glycol) methyl ether methacrylate (OEGMA475, Mn = 475 g/mol, 95%) and 

di(ethylene glycol) methyl ether methacrylate (M(EO)2MA, 95%) were purchased from Sigma-

Aldrich and passed over a basic aluminum packed column to remove methyl ether hydroquinone 

(MEHQ) and butylated hydroxytoluene (BHT) inhibitors. Acrylic acid (AA, 99%, Sigma-Aldrich), 

adipic acid dihydrazide (ADH, 98%, Fisher Scientific), N’-ethyl-N-(3-dimethylaminopropyl)-

carbodiimide (EDC, 98%, Carbosynth, Compton CA, commercial grade), dioxane (99%, Caledon 

Laboratories), thioglycolic acid (TGA, 98%, Sigma-Aldrich), and 2,2-azobisisobutryic acid 

dimethyl ester (AIBMe, 98.5%, Wako Chemicals) were all used as received. The aldehyde 

precursor monomer25, N-(2,2-dimethoxyethyl) methacrylamide (DMAEAm), and the ketone 

precursor monomer24, N-((2-methyl-1,3-dioxolan-2-yl)methyl)methacrylamide (MDM), were 

synthesized in-house according to previously reported procedures.  Light mineral oil (LMO, 

density = 0.838 – 0.854 g/mL at 25 °C), Span 80, chlorotrimethylsilane (>98.0%), hexadecane 

(99%), and fluorescein isothiocyanate (FITC, 90%) were all purchased from Sigma-Aldrich and 

used as received. Polydimethylsiloxane (PDMS) elastomer base and curing agent (Sylgard 184, 

Dow Chemicals), perfluoro-n-pentane (perfluoropentane, Fluoromed, Round Rock, TX), 

Invitrogen live/dead assay kit (ThermoFisher), and blocker bovine serum albumin (BSA, 10x in 

PBS, ThermoFisher) were used as received. Dulbecco’s modified Eagle medium (DMEM), 

phosphate-buffered saline (PBS, 1x), fetal bovine serum (FBS), and penicillin-streptomycin were 

purchased from Wisent Inc. HepG2 carcinoma cells (ATTC) were donated from Dr. Boyang 

Zhang’s lab at McMaster University. Milli-Q grade water (MQW) was used for all experiments.  
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2.2.2 Polymer Precursor Synthesis 
Hydrazide-functionalized POEGMA (POH) was synthesized as previously described26. Briefly, 

AA (0.59 g), AIBMe (47 mg), dioxane (20 mL), M(EO)2MA (3.1 g), OEGMA475 (0.9 g), and TGA 

(7.5 µL) were added to a 250 mL round bottom flask and purged with nitrogen for 40 min. The 

flask was then magnetically stirred in a 75 °C oil bath for 4 h, after which dioxane was removed 

via rotary evaporation. For hydrazide functionalization, MQW (100 mL), ADH (7.07 g), and EDC 

(3.15 g) were added and left to react for 4 h at a pH of 4.75. Ketone- and aldehyde-functionalized 

POEGMA (POKA) was similarly synthesized by mixing AIBMe (53 mg), dioxane (20 mL), 

DMAEAm (0.224 g), M(EO)2MA (2.85 g), MDM (1.438 g), OEGMA475 (0.80 g), and TGA (1 µL) 

and following the procedure as above. To cleave the protecting groups from MDM and DMAEAm 

and expose the ketone and aldehyde groups following polymerization, 30 mL of 1 M HCl and 70 

mL of MQW was added to the polymer and left to stir for 4 h. POH and POKA precursors were 

then separately dialyzed over 6 hours against 5 L of MQW for a total of 6 cycles, after which they 

were lyophilized, dissolved as 40 wt % solutions in MQW, and stored at 4 °C until use.  

To synthesize FITC-labelled POH polymer, FITC (5 mg) was reacted with 15 wt % POH (1 g) 

overnight under magnetic agitation, corresponding to a 2 mol% target functionalization of the 

hydrazide groups on the POH polymer with FITC. The resulting polymer was purified and stored 

as described above with the additional step of covering the reaction flasks and storage 

containers/vials with aluminum foil to minimize the risk of photobleaching.  

2.2.3 Polymer Precursor Characterization  
The average molecular weights of the precursor polymers were determined by gel permeation 

chromatography (GPC) using the Agilent 1260 Infinity II GPC system with a Cytiva Superpose 6 

Increase 10/300 GL column operating at 30 °C with a solvent phase of 1x PBS (0.05 wt% sodium 
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azide) running at a flow rate of 0.5 mL/min. The combined molar concentration of ketone and 

aldehyde groups in the POKA polymer was quantified using colorimetric base-into-acid titration 

(ManTech automatic titrator) using a 1 mg mL-1 polymer solution dissolved in 0.25 M 

hydroxylamine salt that is titrated with 0.1 M NaOH. The difference in titratable acid content 

between the POKA polymer and a baseline polymer containing no ketone or aldehyde groups was 

used to calculate the moles of aldehyde and ketone groups within the polymer. To determine the 

ratio between the ketone and aldehyde molar concentrations, the POKA polymer was dissolved in 

deuterium oxide (5 mg mL-1) and 1H NMR (600 MHz, Bruker AV 600) was used to compare the 

ratio of ketone proton signal (2.23 ppm) to the methyl POEGMA proton signal (4.21 ppm). The 

aldehyde molar concentration was then determined as the difference between the combined molar 

concentration (from hydroxylamine titration) and the ketone molar concentration (from 1H NMR). 

The molar concentration of hydrazide groups in the POH polymer was determined via 

conductometric titration (ManTech automatic titrator) using 50 mL of a 1 mg mL-1 polymer 

solution before and after hydrazide functionalization as the sample and 0.1 M NaOH as the titrant. 

The gelation time of the hydrogel was determined via a vial inversion test by mixing 100 µL of 

each precursor polymer in an Eppendorf tube, rapidly pipetting up and down to ensure mixing, and 

inverting the tube every 10 s. When the mixture no longer flowed after 5 s of inversion, the time 

was recorded as the gelation time. 

2.2.4 Perfluoropentane Emulsion Fabrication and Characterization 
Perfluoropentane emulsions were prepared by adding 20 mL of BSA, 20 mL of PBS, and 5 mL of 

perfluoropentane in a 50 mL Falcon tube, with the tube kept in a cooler with ice until it was used 

in the microfluidic experiment to prevent premature perfluoropentane evaporation. The mixture 

was sonicated using a Q700 probe sonicator (QSonica, Newton, CT, USA) at an amplitude of 80% 
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for a total of 90 s with intervals of 2 s pulse on and 20 s pulse off to ensure the temperature remained 

below 17 °C throughout the emulsification process. The resulting perfluoropentane-in-PBS 

emulsions (herein referred to as the pore forming agent (PFA)) were used within one hour of 

preparation.  

The hydrodynamic diameter of the perfluorocarbon emulsions was measured using dynamic light 

scattering by mixing a 1:150 volume ratio of the PFA with 1x PBS and measuring the particle size 

using a NanoBrook 90Plus instrument (Brookhaven, Long Island, NY, USA). Samples were 

measured at temperatures between 4 and 37 °C, with 5 replicates performed for each sample. Error 

bars represent the standard deviation of the hydrodynamic diameter measurements. 

2.2.5 Cell Culture and Cytocompatibility Tests 
HepG2 cells were cultured at 37 °C and 5% CO2 in DMEM medium with 10% FBS and 1% 

penicillin-streptomycin in T75 tissue culture flasks. Cells were harvested from the flasks when 

they reached ~80% confluency by removing the spent cell media, rinsing with PBS, adding 3 mL 

of 25% w/v trypsin-EDTA, and placing the flask in an incubator for 5 min. Once the cells were 

detached from the surface, 7 mL of prewarmed cell media was added to the cell-trypsin mixture to 

neutralize the trypsin. Next, the resulting mixture was centrifuged at 1000 rpm for 5 min and the 

supernatant was removed to leave the cell pellet. The cell pellet was either resuspended in the 

polymer precursor solutions for microfluidic experiments or resuspended in media for cell 

passaging and cytocompatibility studies. 

A CellTiter 96 AQueous One Solution Cell Proliferation Assay (Promega) was used to measure 

the cytocompatibility of the polymer precursors and the PFA with HepG2 cells (P6). The cells were 

seeded in 96-well plates at a density of 1x104 cells/100 µL media/well and incubated for 24 hours 

at 37 °C. After 24 hours, the cell media was removed and 100 µL of the polymer precursor solutions 
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or PFA (each diluted in media) were added to each well. After 24 hours of incubation, the 

supernatant was removed,100 µL of cell media and 20 µL of the 3-(4,5-dimethylthiazol-2-yl)-5-

(3-carboxymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium (MTS) assay dye was added to each 

well, and the plates were incubated for 3 hours. A plate reader was used to measure the absorbance 

from each well using a wavelength of 490 nm, with the metabolic activity of the cells calculated 

using equation (1). The positive control was media with MTS dye (no cells), while the negative 

control was media and MTS dye added to cells. For each polymer or PFA concentration, six 

replicates were performed, with the error bars representing the standard deviation.  

 
𝑀𝑒𝑡𝑎𝑏𝑜𝑙𝑖𝑐 𝐴𝑐𝑡𝑖𝑣𝑖𝑡𝑦 (%) =

𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 − 𝑃𝑜𝑠𝑖𝑡𝑖𝑣𝑒 𝐶𝑜𝑛𝑡𝑟𝑜𝑙

𝑁𝑒𝑔𝑎𝑡𝑖𝑣𝑒 𝐶𝑜𝑛𝑡𝑟𝑜𝑙 − 𝑃𝑜𝑠𝑖𝑡𝑖𝑣𝑒 𝐶𝑜𝑛𝑡𝑟𝑜𝑙
× 100% 

( 1 ) 

 

 

2.2.6 Microfluidic Chip Fabrication 
Photolithography was used to fabricate a silicon mold comprised of 70 µm microchannels arranged 

in a flow-focusing junction geometry with an oil (continuous phase) inlet, two polymer (aqueous 

phases) inlets, and an outlet for droplet collection. The resulting silicon mold was washed with 

isopropanol, dried, and silanized using chlorotrimethylsilane under vacuum. A 10:0.9 mixture of 

PDMS base and curing agent was then poured on the silicon mold and placed in a 60 °C oven to 

cure for at least 2 hours. The PDMS chip was then peeled off the mold and trimmed, after which 

holes for the inlets and outlets were punched using a 1 mm biopsy punching tool. The resulting 

PDMS chip was plasma bonded to a glass slide using a handheld corona treater (BD-20AC, 

Electro-Technic Products (ETP)) and placed in a 60 °C oven for 2 hours prior to use.  
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2.2.7 Microgel Fabrication 
Microgels produced without PFA will be referred to as nonporous microgels (although such 

microgels would maintain nanoporosity based on the mesh size between the crosslink points) while 

microgels produced with PFA will be referred to as porous microgels and contain both the 

nanopores associated with the mesh size/crosslink density and micro/macropores associated with 

the PFA. For microgel fabrication on the microfluidic device, the continuous/oil phase consisted 

of light mineral oil with 5% (v/v) Span 80 which was loaded into a 5 mL syringe (Air-Tite) and 

placed on a syringe pump (Cole Parmer) enabling flow rates between 0.7 – 1.2 mL/h. The aqueous 

phase consisted of the polymer precursors (40 wt% POKA or POH) diluted to 10 wt% with PBS 

(to fabricate nonporous microgels) or PFA (to fabricate porous microgels), with the PFA added at 

three different dilutions (1, 10, and 100% (v/v) of the stock PFA solution diluted with PBS) to 

control the degree of macropore generation. The PFA/polymer precursors were then loaded into 

their respective 1 mL syringes (Air-Tite) and placed in a syringe pump (Chemyx Fusion 400 Dual 

Independent Channels Syringe Pump) enabling flow rates between 0.05-0.07 mL/h. The syringes 

were connected to 19 G blunt needles (SAI Infusion Technologies) with Teflon tubing 

(MasterFlex) that was inserted into the respective inlet holes of the microfluidic chip. The 

microfluidic chip was secured on the stage of an optical microscope (Inverted Trinocular 

Microscope, IM-3, Optika) at 4x magnification to visualize the microchannels and droplet 

formation in real-time.  

To form microgels, the oil and polymer phases were pumped through their respective channels 

until they met at the flow-focusing junction. As seen in Figure 2.1, the shear stress from the oil 

“pinches” off the polymer phases into droplets while also inducing mixing of the two precursor 

polymer/PFA solutions, initiating the hydrazone cross-linking between the ketone/aldehyde and 

hydrazide functionalized polymers simultaneous to droplet formation. As the droplets exit the 
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outlet channel onto the surface of the PDMS chip, they were pipetted every 10 seconds into a 

collection vial filled with 5 mL of the oil phase heated to 37 °C to allow for perfluoropentane 

evaporation and in situ microgel gelation. Microgels were collected for 30 min under magnetic 

agitation to prevent droplet coalescence prior to full gelation. 

For cell-laden microgel fabrication, two HepG2 cell pellets (passage 8-9) were prepared as 

described in section 2.2.6 and resuspended in 600 µL of each respective 40 wt% polymer solution 

diluted to 10 wt% with either PFA emulsions at the targeted concentration (to form porous 

microgels) or PBS (to form nonporous microgels) to achieve a final cell density of ~8 million 

cells/mL. The rest of the microfluidic experiment followed the same process as described above. 

 

Figure 2.1. Schematic of flow-focusing microfluidic chip with on-chip mixing of polymer 

precusors. 

2.2.8 Microgel Purification from Oil 
To isolate the microgels from the continuous oil phase, 2 mL of washing solution (hexadecane 

containing 2 w/w% Span 80) was added to the microgel suspension and then centrifuged at 100 

RCF for 3 minutes. Next, the supernatant was removed, the microgels were washed with 2 mL of 
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the washing solution, and the centrifugation step was repeated; this step was repeated twice. The 

final microgel pellet was resuspended in 1 mL PBS or cell media until further use. 

2.2.9 Microgel Visualization and Porosity Quantification 
Microgels were visualized using an optical microscope (Inverted Trinocular Microscope, IM-3, 

Optika) at 4x magnification to analyze their size distribution. 20 µL of the microgel suspension 

was pipetted onto a glass slide immediately following collection, with 70-100 microgels analyzed 

per formulation using ImageJ. Fluorescent microgels were prepared by replacing 50% of the POH 

with POH-FITC and visualized using laser scanning confocal microscopy (LSCM) (Fluoview 

FV1200, Olympus) using an excitation wavelength of 488 nm and a gain between 300 to 500. Z-

stacks were performed using a step size of 1 µm. To quantify the porosity of the microgels, z-stack 

images were converted to an 8-bit image using ImageJ, with the grey part of the image representing 

the hydrogel region and the black areas representing the pores and background. Histograms were 

then compiled to calculate the distribution of gray values within the microgels, with higher values 

corresponding to more gray pixels and lower values corresponding to more black pixels in the 

microgels (See Figure S2.1 for example histograms). The average gray value was then recorded 

and used to compare the porosity between different formulations, with a more porous microgel 

showing a lower average gray value (i.e. more black area). Histograms were analyzed on 8 

randomly selected microgels from each formulation (0, 1, 10, and 100% PFA), with the error bars 

representing the standard deviation. 

2.2.10 Dextran Permeability Study  
Dextran was used as a model macromolecule molecule to investigate the permeability of both the 

nonporous and porous microgels. Microgels fabricated with 0% PFA (nonporous) and 100% PFA 

(porous) were fabricated as described in section 2.2.7, after which the oil supernatant was removed 

and the microgels were washed with 2 mL of methanol and centrifuged at 1000 RCF for 5 min. 
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This process was repeated twice, after which the microgels were washed with 2 mL of PBS and 

centrifuged again. Note that methanol was used in this cell-free experiment to swell the microgels 

and thus enhance oil removal. The microgels were then resuspended in either 500 µL of 70 kDa 

(10 mg/mL) or 500 kDa (1 mg/mL) FITC-labelled dextran solutions, with the concentrations 

chosen to ensure high solubility for each solution. After 30 minutes, the samples were visualized 

with LSCM using a 40x objective lens, an excitation wavelength of 488 nm, a gain of 450 and 560 

for the 70 kDa and 500 kDa experiments respectively, and a step size of 1 µm. To quantify the 

influx of FITC-labelled dextran into the microgels, the average green pixel value was calculated 

from the z-stack slice corresponding to the middle of the microgel using ImageJ, where lower 

numbers represent more black pixels and higher numbers represent brighter green pixels. Three 

microgels were analyzed for both PFA concentrations (0% and 100%) tested, with the error bars 

representing the standard deviation. 

2.2.11 Mechanical Analysis of Microgels 
Mechanical properties of the microgels were analyzed using a Microsquisher instrument 

(CellScale). A 1x1 mm platen was glued to a 101.6 µm diameter cantilever that was subsequently 

mounted on the vertical stage. The chamber was filled with Milli-Q water and 20 µL of the 

microgels-in-PBS solution. The built in microscope was used to locate single microgels between 

the platen and bottom of the chamber. Compressive strains of 10, 20, and 30% were applied to the 

microgels (via the platen/cantilever), and the resulting force as a function of time was measured. 

The compressive modulus of the microgels was then calculated using the modified Hertzian half 

space contact model ( 2 ), where 𝛿 is the displacement, 𝑣 is Poisson’s ratio (set to 0.5 for spherical 

particles), 𝐹 is the measured force, 𝑎 is the radius of contact angle (0<a<R), 𝐸 is the Young’s 
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modulus, and 𝑅 is the radius of the microgel 27. Five independent microgels were tested for each 

sample reported, with the error bars representing the standard deviation. 

𝛿 =
3(1 − 𝑣2)𝐹

4𝐸𝑎
−

𝑓(𝑎)𝐹

𝜋𝐸
 

where 𝑓(𝑎) =
2(1+𝑣)𝑅2

(𝑎2+4𝑅2)
1
2

+
1−𝑣2

(𝑎2+4𝑅2)
1
2

, 𝑎 = (𝑅 − 𝛿)𝑡𝑎𝑛𝜃, 𝜃 = 𝑐𝑜𝑠−1 𝑅−𝜃

𝑅
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2.2.12 Live-Dead Imaging 
To quantify the viability of the cells encapsulated in the microgels, a live/dead cell imaging kit 

(Invitrogen) was used to assess the percentage of live cells inside the microgels 1 hour, 3 days, 7 

days, and 10 days following HepG2 cell encapsulation. The cell-encapsulated microgels were 

prepared as described in section 2.2.7, after which the oil was removed using the hexadecane and 

Span 80 washing protocol described in section 2.2.8 and the microgels were resuspended in 1 mL 

cell media. Fresh cell media (2 mL) was added to 4 wells of a 6 well plate, after which 0.25 mL of 

the microgels-in-media solution was added to the same wells. At each time point, the media and 

microgels were removed from the wells and centrifuged at 100 RCF for 3 min. The supernatant 

was then removed, and the live/dead stain was added to the microgels and left for 15 minutes. The 

microgels-in-dye mixture was then centrifuged at 100 RCF for 3 min, the supernatant was 

removed, and the microgels were redispersed in 0.5 mL of PBS. The microgels-in-PBS solution 

was divided between 4 wells of a 48 well plate, with each well imaged with a laser scanning 

confocal microscope (LSCM, Fluoview FV1200, Olympus) using a 10x objective and excitation 

wavelengths of 488 nm and 561 nm for live and dead cells, respectively. Z-stack images were 

taken with a step size of 1 µm, and ImageJ was used to compress the Z-stacks into a single image 

which was used to count the number of live and dead cells. The number of cells in each microgel 
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and the percentage of live cells in each well was calculated, with the error bars representing the 

standard deviation. 

2.2.13 Statistical Analysis 
The means of two groups were compared using two-tailed unpaired t-tests (p<0.05) and the means 

of more than two groups were compared using a one-way ANOVA (p<0.05). Error bars represent 

the standard deviation of the means of each measurement.  

2.3 Results 

2.3.1 Polymer Characterization 
POEGMA polymers were successfully synthesized via chain transfer radical polymerization 

targeting 30 mol% functionalization with hydrazide or ketone groups and 5 mol% functionalization 

with aldehyde groups. The actual polymer compositions were determined using titration and 1H 

NMR (Figure S2.2), confirming an overall 29-31 mol% functionalization of both polymers. The 

combination of hydroxylamine titration (total K+A content) and 1H NMR (K content) facilitates 

the measurement of the K/A ratio in the POKA polymer, showing that the electrophilic polymer 

contains a ~3:1 ratio of ketone:aldehyde groups (Table 2.1). The number average molecular 

weights of both polymers were determined through GPC to be <19 kDa with relatively narrow 

dispersity (Table 2.1), indicating that both polymers are well below the molecular weight range 

that can be cleared via the renal system following degradation of the hydrogel (<40-50 kDa28).   

Table 2.1. Characterization of functionalized polymers. 

Polymer Mn (kDa) Ð Functional Monomer (mol%) 

POH 18.8 2.0 H: 31 

POKA 11.2 1.6 K: 22   A: 7 

 

The gelation times of mixing 6, 8, and 10 wt% precursor polymers ranged from 2 to 7 minutes 

(Table 2.2), with faster gelation times observed as the concentration of the polymers was increased. 
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To allow for successful pore generation, the perfluoropentane should evaporate prior to complete 

gelation of the droplet to allow for gas expansion while the viscosity of the crosslinking hydrogel 

phase should be sufficiently high to trap the pores generated by perfluoropentane evaporation 

within the developing hydrogel structure. These constraints require a slow enough gelation time to 

prevent on-chip gelation and enable the droplets to be transferred from the microfluidic outlet 

channel into the heated oil bath to initiate evaporation but a sufficiently fast gelation time to 

minimize pre-gel droplet coalescence that would be expected over time in the oil phase in the 

absence of microgel crosslinking. Based on these considerations, the 10 wt% precursor polymer 

solutions (gelation time ~2 min) were chosen for future experiments given that this time scale 

allows sufficient time for the droplets to be transferred into oil while limiting the chance of droplet 

coalescence.     

Table 2.2. Gelation times of varying polymer concentrations. 

Polymer Concentrations (wt %) Gelation time (min) 

6 7 

8 5 

10 2 

 

2.3.2 Perfluoropentane Emulsion Characterization 
Perfluoropentane emulsions were made by sonicating a mixture of perfluoropentane, PBS, and 

BSA, with the BSA used as a cell-compatible surfactant to stabilize the emulsions. The mixture 

was kept on ice both during the sonication process and prior to use for pore generation to prevent 

the temperature from reaching the perfluoropentane boiling point until evaporation is desired. 

Hydrodynamic diameter measurements of the emulsions at 4 °C showed only a 12% increase in 

diameter over 2 hours (Figure 2.2A), suggesting good emulsion stability over the timescale of the 

fabrication process (~30 min). Upon heating, Figure 2.2B shows an increase in the effective 



62 
 

emulsion diameter from 296±15 nm at 4 °C to 409±15 nm at 37 °C, illustrating the expansion of 

the emulsions as perfluoropentane is heated up to and past its boiling point (~29 °C).  

 

Figure 2.2. Hydrodynamic diameter of perfluoropentane emulsions measured (A) over 2 hours at 

4 °C and (B) at varying temperatures (n=5). For statistical analysis, ns = not significant.  

 

2.3.3 Nonporous Microgel Fabrication 
Nonporous microgels with porosity on the nanoscale were fabricated using a PDMS microfluidic 

chip fabricated with a flow-focusing junction (Figure 2.3A). The continuous phase (light mineral 

oil with 5 wt% Span 80) flowed through the top inlet and 10 wt% POKA and POH polymers 

separately flowed through the two middle inlets. As the polymers and oil met at the junction, the 

shear from the oil caused the polymers to simultaneously mix and form into a droplet. As seen in 

the microscope images in Figure 2.3A, the droplets flow down the outlet channel and out of the 

outlet port on to the surface of the chip, where they are collected. By keeping the polymer flow 

rates constant at 0.05 mL/hr and increasing the oil flow rate from 0.8 mL/hr to 1.2 mL/hr, a 

decrease in the microgel diameter was observed from 149±13 to 66±7µm (Figure 2.3B,C). Narrow 

size distributions (monodispersity index <11%) were observed in all cases (Figure 2.3D), 

consistent with other reports of the microfluidic fabrication of droplets; however, the achievement 

of this monodispersity using in situ-gelling chemistry that can often affect size distributions over 



63 
 

time due to chip clogging is notable, further confirming the avoidance of on-chip gelation over the 

full fabrication period. 

 
Figure 2.3. Fabrication and size analysis of nonporous microgel fabrication. (A) An image of the 

PDMS chip design with light microscope images of the droplet formation zone and droplet 

collection zone. (B) Light microscope images of nonporous microgels fabricated using polymer 

flow rates of 0.05 mL/hr and oil flow rates of 0.8, 1.0, and 1.2 mL/hr (n=100). Scale bar = 100 µm. 

(C, D) The average diameter (C) and size histogram (D) of the microgels formed using varied oil 

flow rates.  

2.3.4 Porous Microgel Fabrication and Porosity Quantification 
Porous microgels were similarly fabricated as described in section 2.3.3 by diluting the precursor 

polymer solutions from 40 wt% to 10 wt% with varying concentrations of PFA (100, 10, and 1 
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v/v%, with the remainder comprising PBS) instead of just PBS as was done for the nonporous 

microgels. Following droplet formation on-chip, the droplets were pipetted into light mineral oil 

heated to 37 °C under magnetic stirring to allow for evaporation of the perfluoropentane emulsions 

within the droplets prior to gelation. The oil flow rate was kept constant at 0.7 mL/hr for each of 

the three PFA concentrations tested; however, to achieve consistent microgel sizes, the polymer 

flow rates were adjusted from 0.07 mL/hr for the 1 and 10% PFA precursors to 0.05 mL/hr for the 

100% PFA precursor to account for the increase in the viscosity of the aqueous stream when the 

PFA concentration was increased. Using these flow rates, microgels with all PFA concentrations 

tested can be fabricated to have similar diameters of ~100 µm (Figure 2.4A).  While Figure 2.4B 

shows that microgels prepared with 1 and 10% PFA possess narrow size distributions similar to 

microgels prepared without PFA, microgels prepared with 100% PFA precursors show a somewhat 

wider size distribution, likely attributable to a combination of the higher viscosity of the input 

stream (making droplet formation less consistent) and/or the impact of the evaporation of a portion 

of a larger fraction of perfluoropentane on-chip that can also lead to less stable droplet formation.  
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Figure 2.4. The average diameter (A) and histogram of diameter distributions (B) for porous 

microgels fabricated with 1, 10, and 100% PFA (n=70 per sample).  

 

The porosity of microgels fabricated with 0, 1, 10, and 100% PFA was evaluated by using FITC-

labelled POH polymer to allow for imaging with a LSCM. As seen in the top row of Figure 2.5A 

and in Figure S2.3, an increase in the number of pores (i.e. black regions in which the FITC-POH 

is not present) was observed as the concentration of PFA was increased. The porosity difference 

between conditions is also demonstrated in the corresponding brightfield images of the microgels, 

with an increase in the fuzziness of the interface observed at higher PFA concentrations (indicative 

of pore generation) compared to the smoother surface of microgels produced with lower PFA 

concentrations. As seen in Figure 2.5A, the pore size in microgels prepared with lower PFA 

concentrations cannot be measured with the limited resolution of the LSCM (~250 nm). However, 

at higher PFA concentrations, measurable micro/macropores of sizes ~0.7 to 2 µm were observed, 

with a significant decrease in the weighted grey average (corresponding to a decrease in the 
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hydrogel phase) observed with the 100% PFA microgels (Figure 2.5B). Note that to account for 

the change in brightness between each microgel that could impact the weighted grey average 

calculations (particularly within the center of the 100% PFA microgels that scatter more light due 

to their significantly higher porosity and thus larger refractive index gradient), the brightness of 

all images was adjusted in ImageJ to match prior to the pore analysis to ensure consistency between 

the different microgels.   
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Figure 2.5.  Effect of the PFA concentration microgel porosity. (A) LSCM images (top row) and 

brightfield images (bottom row) of microgels fabricated with 0, 1, 10, and 100% PFA. (B) The 

weighted average gray value (correlated to the area fraction of the confocal image in which the 

fluorescent hydrogel phase is visible) calculated from the LSCM images (n=8). Scale bar = 10 m. 

For statistical analysis ****p<0.0001.  

2.3.5 Permeability of Dextran Molecules into Microgels 
The permeability of the nonporous (0% PFA) and porous (100% PFA) microgels to FITC-labelled 

dextran molecules with different molecular weights was assessed by imaging microgels pre-

incubated with 70 kDa and 500 kDa FITC-dextran solutions for 30 minutes. The LSCM laser gain 
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was kept constant between all imaged microgels (gain = 450 for 70 kDa and gain = 560 for 500 

kDa) to ensure that any differences in the FITC intensity between the different microgels is directly 

related to differential penetration of the dye instead of different degrees of exposure.  As shown in 

Figure 2.6A, the 100% PFA microgels qualitatively indicated significantly more green pixels 

inside the microgel compared to 0% PFA microgels for both dextran molecular weights tested, 

corresponding to a greater amount of dextran able to permeate through the porous microgel.  

Quantification of the green pixel intensity in Figure 2.6B confirms this observation, consistent 

with the presence of continuous micro/macropores within the 100% PFA microgel that enhance 

the rate of in-diffusion of molecules that would otherwise either diffuse in much more slowly or 

be entirely sterically excluded by the typical nanoscale mesh size of nonporous microgels. 

 

Figure 2.6. Permeability of FITC-labelled dextran molecules into microgels. (A) LSCM images 

of microgels fabricated with 0 and 100% PFA incubated with 70 and 500 kDa FITC-labelled 

dextran. The 500 kDa dextran solution appears to be somewhat insoluble with aggregates (large 

fluorescent pieces) notable in the LSCM images. Scale bar = 20 µm. (B) The average green value 

calculated from the colour histogram of the microgels imaged using the same laser gain. For 

statistical analysis, *p<0.05 and **p<0.01. 
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2.3.6 Mechanical Properties of Microgels 
The mechanical properties of the nonporous and porous microgels were tested using a 

Microsquisher instrument, which allows for sensitive single particle compressive modulus 

measurements using a cantilever/platen system. As shown in Figure 2.7A, macroporous microgels 

prepared with 100% PFA require significantly less force to compress compared to nonporous 

microgels prepared with PBS alone. Compressive modulus calculations based on the modified 

Hertzian half space contact model (Figure 2.7B) indicated that the 100% PFA microgel 

compressive modulus (5.6±0.9 kPa) is roughly one quarter of that of microgels prepared with 0% 

or 1% PFA (>20 kPa), consistent with the much higher porosity observed in the 100% PFA 

microgel (Figure 2.5A). Interestingly, the 10% PFA microgel also shows a significantly lower 

compressive modulus than microgels prepared with 0% or 1% PFA, suggesting an appreciable 

porosity within this microgel that may not be entirely reflected by the fluorescence imaging 

experiments due to the limited resolution of LSCM; as such, even lower concentrations PFA can 

effectively create micropores in microgels that can significantly alter microgel mechanics.  

 

Figure 2.7. Mechanical properties of microgels. Force-displacement curve (A) and compressive 

modulus (B) of nonporous and porous microgels prepared with different PFA contents (n=5). For 

statistical analysis **p<0.01, ***p<0.001, and ns = not significant.  
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2.3.7 Cell Compatibility 
The cytocompatibility of the polymers and the perfluoropentane emulsions was tested using an 

MTS assay on HepG2 cells. Both polymers showed minimal cytotoxic effects at the tested 

concentrations, with metabolic activity maintained >86% following 24 hrs of incubation (Figure 

2.8A). Similarly, for the PFA (Figure 2.8B), the metabolic activity remained above the ISO 10993-

5:2009 standard stating that viability >70% can be considered non-cytotoxic even at a 

concentration of 20 v/v%.  

 

Figure 2.8. Cytotoxicity of the precursor POKA and POH polymers (A) and PFA (B) against 

HepG2 cells at varying concentrations using an MTS assay following 24 hours of incubation (n=6). 

 

2.3.8 Cell Encapsulation and Viability 
Cell encapsulation experiments were carried out with 0 and 100% PFA microgels as they show the 

largest difference in porosity. The viability of HepG2 cells encapsulated in microgels was assessed 

using a live/dead staining kit 1 hr and 3, 7, and 10 days after encapsulation, with LSCM used to 

visualize the live (green) and dead (red) cells (Figure 2.9A). The porous microgels appeared darker 

compared to the nonporous microgels, suggesting the retention of some perfluoropentane (which 

has a refractive index of ~1.24, significantly lower than that of water) inside of the microgels. We 

hypothesize this result is attributable to the perfluoropentane evaporating but not forming a 

connected pore, resulting in its retention in the microgel; given its non-toxicity and potential to 
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enhance oxygen transport29, such entrapment is not anticipated to be problematic and may even be 

beneficial for a cell delivery application. At days 7 and 10, the porous microgels remain more 

opaque but show a more transparent outer ring around the outside of the microgel, suggesting that 

trapped perfluoropentane close to the surface of the microgels may evaporate out over time. In the 

presence of cells, a significantly wider range of microgel size distribution was observed, with many 

small microgels of diameter ~20 µm produced that were not observed in the absence of cells 

(Figure S2.4). This result is consistent with the less stable droplet formation that occurs when 

large clusters of cells pass through the droplet formation zone as well as the observation of cell 

settling in the syringes and tubing. The latter point also affects even cell distribution into microgels, 

resulting in a relatively broad distribution of the number of cells encapsulated per microgel (Figure 

S2.5). 

Despite the relatively broader particle size, good cell viability can be maintained in the 

encapsulated microgels. The percentage of live cells in 0 and 100% PFA microgels was between 

64 and 67% one hour post-fabrication, indicating that the microfluidic platform and/or the oil 

removal steps may have caused some cell death. However, by day 3, the percentage of live cells 

in 100% PFA microgels increased to 89±10% and continued to increase to 96±8% by day 10; 

conversely, the percentage of live cells in 0% PFA microgels remained relatively lower, reaching 

a maximum of 75±7% by day 10 (Figure 2.9B). We hypothesize that the significant increase in 

the percentage of live cells in porous microgels through days 3 to 10 is due to the improved 

diffusion of oxygen and nutrients to the encapsulated cells enabled by the presence of the 

micro/macropores, enabling both improved nutrient/waste transport as well as providing cells with 

more room to grow and spread within the microgel. In tandem, the percentage of microgels 

containing two or more cells (with the remaining microgels containing one cell) decreases slightly 
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from 1 h to 3 days due to the removal of weakly bound dead cells but then increases more 

significantly over time for the 100% PFA microgels compared to the 0% PFA microgel, consistent 

with enhanced cell proliferation in the porous microgels relative to nanoporous microgels. 

 

Figure 2.9. Encapsulation and viability of HepG2 cells over 10 days in microgels fabricated with 

0 and 100% PFA. (A) Overlay of LSCM laser and brightfield images with live (green) and dead 

(red) cells. Scale bar = 50 µm. Refer to Supporting Information, Figure S2.6, for the LSCM images 

alone that allow for clearer visualization of live versus dead cells. (B) Percentage of cells stained 

green (live) compared to all cells counted in the microgels (live + dead). (C) Percentage of 

microgels containing two or more cells as a function of microgel incubation time. For statistical 

analysis, ns = not significant and **p<0.01. 
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2.4 Discussion 
A flow-focusing microfluidic device was successfully used for the on-chip mixing of hydrazide- 

and ketone/aldehyde-functionalized POEGMA polymers to fabricate both nonporous microgels 

(i.e. microgels with a mesh size only on the nanoscale) and porous microgels (i.e. microgels with 

micro/macro pores in addition to a mesh size on the nanoscale). Pore forming methods often result 

in the use of cytotoxic reagents or conditions, forcing cells to be seeded on the surface of microgels 

instead of being embedded within the gel during the fabrication process. By incorporating cell-

compatible low-boiling point perfluorocarbon emulsions into the gel precursor droplets on-chip 

followed by in situ evaporation of the perfluorocarbon following collection at physiological 

temperature, significantly enhanced porosity can be achieved. The delayed crosslinking (~2 

minutes) of the dual ketone/aldehyde-functionalized polymers allowed enough time for the 

evaporation of the perfluoropentane while also being fast enough to hold the gas bubbles in place 

and prevent excessive droplet coalescence prior to gelation. In addition, the non-toxic crosslinking 

and pore forming mechanisms are important for cell encapsulation studies in which cells are pre-

mixed with the polymers and perfluoropentane emulsions prior to entering the microfluidic chip. 

Varying the concentration of the PFA allowed for control over the degree of porosity in the 

microgels, with an increase in the PFA corresponding to an increase in the number of pores present 

in the microgel. Porous microgels were found to promote faster in-diffusion of dextran molecules 

compared to nonporous microgels, suggesting the potential for improved cytokine/growth factor 

transport throughout the microgels as a result of micro/macropore formation. In particular, 70 kDa 

dextran is similar in size to albumin (69 kDa), suggesting that the porous microgels may facilitate 

enhanced diffusion of albumin secreted from HepG2 cells out of the microgel into the surrounding 

environment30. The improved molecule diffusion and optimal mechanical properties of the porous 
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microgels resulted in high HepG2 cell viability after 10 days (96%) and improved cell proliferation 

compared to nonporous microgels, demonstrating their potential use as a cell therapeutic. 

Despite the high cell viability observed over time, a transient decrease in cell viability after particle 

formation/encapsulation was observed that is likely attributable to the long incubation time (30 

minutes) of the cell-laden microgels in oil and/or the oil removal steps used.  This problem could 

be eliminated entirely using an all-aqueous microfluidic platform in which two immiscible 

aqueous phases are used in place of the current oil/water system31; alternately, on-chip oil removal 

microfluidic devices could be used to limit the oil exposure time32. In addition, microgels prepared 

with cells show a much broader size distribution, with many of the microgels containing few or no 

cells. Techniques to improve these issues have been explored in literature, including the use of 

density gradient media to prevent cell settling, the addition of Pluronic to prevent cells adhering 

to microfluidic channels, and wider junctions being used to improve consistent cell 

encapsulation33. In addition, the filters used in the polymer channels of the microfluidic device 

(Figure 2.3A) should be removed as they may have reduced the number of cells entering the 

droplets as large cell aggregates were trapped within the filters. Some or all these techniques can 

be applied to this work to increase the monodispersity of microgels as well as the consistency and 

number of cells encapsulated into the microgels. We hypothesize that an increase in the number of 

cells encapsulated in the microgels will not only increase cell proliferation but also more clearly 

demonstrate the significance of the macropores in enhancing oxygen diffusion in cases of high 

oxygen demand (i.e. when many cells are encapsulated) compared to a low oxygen demand (i.e. 

1-2 cells encapsulated). 
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2.5 Conclusion 
Porous microgels were fabricated by combining cell-compatible perfluoropentane emulsions with 

hydrazide- and dual aldehyde/ketone-functionalized POEGMA polymers, resulting in 

simultaneous in situ gas generation and dynamic crosslinking under physiological conditions to 

generate micro/macroporous dynamic covalent crosslinked microgels. The porosity of the 

microgels can be tuned by using different concentrations of the perfluoropentane emulsion, with 

highly porous microgels produced at higher perfluoropentane concentrations showing significantly 

improved macromolecule diffusion and softer bulk mechanics. The viability of HepG2 cells 

encapsulated in porous microgels was significantly higher compared to nonporous microgels after 

10 days, a result hypothesized to be related to the increased diffusion of oxygen, nutrients, and 

wastes to and from the cells. Overall, these results suggest the potential use of perfluorocarbon in 

situ gas generation to generate porous microgels with potential utility in cell therapy applications. 
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2.7 Supplementary Information 

 

Figure S2.1. Histogram of 0 and 100% PFA microgels showing the spectrum of gray values. A 

lower mean gray value corresponds to more black pixels (more pores), while a high mean gray 

value corresponds to more gray pixels (less pores). 

 

 

Figure S2.2. Chemical structures and 1H NMR analysis of POH and POKA polymers. 
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Figure S2.3. Complete LSCM analysis of microgels fabricated with 0, 1, 10, and 100% PFA. Scale bar = 10 µm. 
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Figure S2.4. Histogram of the diameters of cell-laden 0% and 100% PFA microgels 1 hour post-

fabrication. 

 

 

Figure S2.5. Histogram of the number of cells encapsulated in the 0% and 100% PFA microgels 

1 hour post-fabrication. 
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Figure S2.6. LSCM images of live (green) and dead (red) cells encapsulated in 0 and 100% PFA 

microgels over 10 days. Scale bar = 50 µm. 
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Chapter 3: 3D Printing of Disk-Like Cell-Loaded Microgels Using 

Hydrazone-Ketone Dynamic Crosslinking 
 

Extrusion-based 3D printing has been extensively studied for cell therapy applications due to its 

ability to co-print cells with hydrogels in controlled geometries. However, these prints are often 

large in size and require invasive surgeries for implantation. Herein, a droplet extrusion printing 

strategy is instead employed to reproducibly fabricate injectable hydrogel microparticles by 

leveraging tunable dynamic crosslinking within a droplet printed on a hydrophobic printing 

surface. Uniform particles are successfully printed with a curved disk-like morphology (diameter 

~840-880 µm and height ~110-140 µm), with the height of the droplets consistently in the 

dimension range allowing for effective oxygen and nutrient diffusion through the printed particles. 

The use of a hydrophobic printing substrate minimized droplet spreading, significantly reducing 

the size and polydispersity of the printed particles relative to a more hydrophilic print surface. The 

elastic and dynamically-crosslinked network structure of the particles network facilitates their 

injection through a 20 gauge needle with no visual difference between pre- and post-injected 

particle morphology; furthermore, HepG2 cells co-printed in the droplets show high viability 

(>95%) and proliferation after 10 days, suggesting sufficient nutrient diffusion and mechanics to 

support cell growth. As such, this dynamic droplet extrusion printing strategy represents an 

alternate fabrication method for creating reproducible and scalable injectable cell therapeutics.  
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3.1 Introduction 
Hydrogels are widely used as a bioink in 3D bioprinting due to their chemical and physical 

properties that closely resemble those of the native extracellular matrix (ECM), providing the 

structural framework and biological cues for cell attachment, survival, and proliferation1. 

Hydrogel-based bioinks can be composed of natural polymers (e.g., alginate, collagen, gelatin, or 

hyaluronic acid), synthetic polymers (e.g., poly(ethylene glycol) (PEG) or polyvinyl alcohol), or 

combinations thereof with or without additional additives (e.g., growth factors, bioactives)2. A 

suitable bioink should be biocompatible, non-immunogenic, degrade at an acceptable rate with 

non-toxic by-products, and allow for the diffusion of nutrients and wastes through the gel1, 3.  

Depending on the bioink chosen, different bioprinting modalities may be required including 

extrusion4, inkjet5, and light-assisted6 bioprinting. Among these methods, extrusion-based 

bioprinting has attracted particular attention due to its low cost, ease of use, ability to accommodate 

a range of bioinks (including post-crosslinked bioinks), and high cell densities7. Extrusion-based 

printers work by dispensing the bioink, either mechanically or pneumatically, onto a substrate or 

into a support bath to fabricate pre-designed 3D structures. The viscosity of the bioink is an 

important parameter in extrusion bioprinting as it impacts the cell viability as well as the 

printability and resolution. High viscosities (typically pre-crosslinked bioinks) often result in 

improved printability; however, high pressures or bioinks with shear-thinning and thixotropic 

behaviors are required which could reduce cell viability and limit the selection of bioinks8. To 

improve cell viability, in-situ9 or post-crosslinking10 strategies can be used in which lower 

viscosity bioinks are designed to quickly gel during the printing process. In situ gelation techniques 

used in the context of 3D bioprinting include in-line photopolymerization11, temperature-

controlled platforms12, or support/gelation baths13; however, these methods all require post-
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processing steps that may reduce cell viability. The successful use of pre-gelled dynamic hydrogel 

bioinks in extrusion bioprinting has also been reported, leveraging the shear-thinning properties 

and ability for cells to rearrange their network (similar to the dynamic remodeling in the native 

ECM14, 15) to enable printing. However, to the best of our knowledge, delayed dynamic post-

crosslinking using pre-mixed reactive polymer precursors with long gelation times has not yet been 

studied for extrusion bioprinting. 

While the majority of reports on extrusion-based bioprinting systems focus on printing of 

continuous cylindrical lines to form 3D structures14, dot extrusion printing (DEP) has more 

recently been reported to extrude individual droplets to allow for the fabrication of smaller 

hydrogel particles. DEP in the absence of a support bath involves the intermittent extrusion of a 

bioink at specific locations, with droplets fabricated when the extrusion and surface tension forces 

overcome the capillary force16. To prevent splashing or spreading of the droplet, the velocity at 

which the bioink is extruded as well as the properties of the printing substrate must be optimized17. 

Specifically, printing on hydrophobic or superhydrophobic surfaces increases the contact angle 

between the droplet and surface, minimizing droplet spreading and subsequently the diameter of 

the particle while also allowing for easier removal of the gelled particle from the surface. Patterned 

surfaces have also been reported to confine droplet spreading and thus control the printed hydrogel 

dimensions; for example, Gettler et al. used a biphilic substrate composed of a superhydrophobic 

surface with small hydrophilic spots to print spheroids in collagen I, with the superhydrophobic 

surface allowing for the formation of spherical droplets while the hydrophilic spots hold the 

droplets in place until gelation18.  

Due to its reproducibility and ease of use, dot extrusion printing has found applications in drug 

testing19, 20, spheroid21 and organoid22, 23 formation, cancer research16, 24, and cell therapy3. In 
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particular, the ability of DEP to extrude smaller-sized cell-laden particles allows for its use in 

fabricating injectable cell therapeutics, addressing the cell viability challenges associated with the 

direct injection of cells to the site of interest. For example, Aguado et al., showed HUVEC cells 

suspended in PBS maintained a viability of 59% after being extruded through a needle while cells 

encapsulated in an alginate hydrogel maintained a viability of 89% following the same injection 

procedure, a result linked to the role of the encapsulating hydrogel in protecting the cells from 

exposure to shear25. Hydrogel encapsulation into cell-laden particles also helps to protect cells 

from immune clearance post-injection26 while also maintaining better nutrient, product, and waste 

diffusion compared to bulk hydrogels, which may allow for improved cell viability and the 

prevention of a necrotic core. In particular, maintaining at least one dimension <150-250 m has 

been identified to enable efficient maintenance of cell viability throughout the gel particle while 

also enabling administration via injection, avoiding the need for invasive procedures6, 27, 28. 

In this work, a DEP strategy was used for the fabrication of injectable cell-laden microgels 

composed of pre-mixed hydrazide- and ketone-functionalized oligo(ethylene glycol methacrylate) 

and 2-(methacryloyloxy)ethyl]dimethyl-(3-sulfopropyl)ammonium hydroxide (DMAPS-

OEGMA) copolymers. Previous work in our lab has demonstrated the use of hydrazone chemistry 

as a dynamic crosslinking strategy with tunable gelation times using hydrazide- and ketone-

functionalized polymer precursors for injectable hydrogel applications29. Herein, we leverage 

these properties to enable effective and reproducible extrusion-based bioprinting of disk-like 

hydrogel microparticles with high cell compatibility. Particles with minimal spreading and uniform 

morphology can be printed without the use of any support baths or post-processing gelation 

techniques by leveraging the long gelation time of ketone-hydrazide hydrazone bond formation 

together with the use of a hydrophobic printing substrate. The potential use of these particles as an 
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injectable cell therapeutic was also demonstrated through mechanical and injection testing as well 

as cell viability and proliferation studies. 

 

Figure 3.1. Schematic of the printing experiment using DMAPS-OEGMA-Hzd and DMAPS-

OEGMA-Ket precursor polymers. 

3.2 Experimental 

3.2.1 Materials 
Poly(ethylene glycol) methyl ether methacrylate (OEGMA, Mn = 500 g/mol, contains 100 ppm 

MEHQ and 200 ppm BHT as inhibitors), [2-methacryloyloxy)ethyl]dimethyl-(3-

sulfopropyl)ammonium (DMAPS, 95%), thioglycolic acid (TGA, 98%), acrylic acid (AA, 99%), 

ammonium persulfate (APS, 98%), and deuterium oxide (D2O, 99.9%) were all purchased from 

Sigma-Aldrich and used as received. Adipic acid dihydrazide (ADH, 98%, Fisher Scientific) and 

N’-ethyl-N-(3-dimethylaminopropyl)-carbodiimide (EDC, 98%, Carbosynth, Compton CA, 

commercial grade) were both used as received. The ketone monomer N-((methyl-1,3-dioxolan-2-

yl)methyl)methacrylamide (MDM), was synthesized in-house as previously described29. 

Dulbecco’s modified Eagle medium (DMEM), phosphate-buffered saline (1x PBS), fetal bovine 

serum (FBS), and penicillin-streptomycin were acquired from Wisent Inc. and used as received. 
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Sodium chloride (NaCl) was purchased from ACP Chemicals and used as received. HepG2 

carcinoma cells (ATTC) were generously donated from the lab of Dr. Boyang Zhang at McMaster 

University. Milli-Q grade water (MQW) was used for all experiments.  

3.2.2 Polymer Precursor Synthesis 
Hydrazide- and ketone- functionalized DMAPS-OEGMA precursor polymers were synthesized to 

target a DMAPS:OEGMA molar ratio of 90:10 and 30 mol% of the overall monomer residues 

being functionalized with hydrazide or ketone groups. Hydrazide-functionalized DMAPS-

OEGMA (DMAPS-OEGMA-Hzd) precursor polymer were synthesized by adding DMAPS (3.6 

g), OEGMA (0.72 g), AA (0.44 g), APS (40 mg), TGA (10 µL), and 20 mL Milli-Q water in a 250 

mL round bottom flask which was left to polymerize overnight at 75 °C under nitrogen. For 

hydrazide functionalization, ADH (1.38 g) and EDC (0.62 g) were added to the reaction flask and 

maintained at a pH of 4.7 for 4 hours. Ketone-functionalized DMAPS-OEGMA (DMAPS-

OEGMA-Ket) precursor polymer was similarly synthesized by adding DMAPS (3.6 g), OEGMA 

(0.72 g), MDM (1.14 g), APS (40 mg), TGA (10 µL), and 20 mL Milli-Q water in a 250 mL round 

bottom flask and polymerizing overnight at 75 °C under nitrogen. To cleave the diacetal protecting 

group and expose the ketone functionalization, 100 mL of 1 M HCl was added to the polymer and 

left to stir for 24 hours. The resulting DMAPS-OEGMA-Hzd and DMAPS-OGEMA-Ket polymers 

were separately dialyzed over 6 cycles (6 hours each) against 5 L of Milli-Q water and finally 

lyophilized. The polymers were then dissolved as 12 wt% solutions in 0.9% NaCl saline, filtered 

using a 0.2 µm syringe filter, and stored at 4 °C until use.  

3.2.3 Polymer Precursor Characterization 
Gel permeation chromatography (GPC) was used to determine the molecular weights of the 

polymer precursors. The Agilent 1260 Infinity II GPC system was used with a Cytiva Superpose 
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6 Increase 10/300 GL column operating at 30 °C with a solvent phase of 1x PBS (0.05 wt% sodium 

azide) set to a flow rate of 0.5 mL/min. The mole percentages of ketone and hydrazide functional 

groups incorporated into the polymers were determined via nuclear magnetic resonance (1H NMR, 

Bruker AV 600, Bruker Corporation) by dissolving both polymers in D2O.  

A vial inversion test was used to analyze the gelation time by mixing 120 µL of each polymer 

precursor in a 2 mL Eppendorf tube and inverting the tube every 10 s, with the time at which there 

was no visible flow after 5 s of inversion recorded as the gelation time.  

3.2.4 Rheological Properties of Polymer Precursors 
The rheological properties of 12 wt% polymer precursor solutions were measured using a 

Discovery Hybrid Rheometer (TA Instruments, HR 20) with a 20 mm parallel plate stainless steel 

geometry. Viscosity sweeps were performed on 200 µL of each polymer precursor solution over a 

shear rate of 0.1 to 100 s-1. The thixotropic study was performed by mixing 100 µL of each 

precursor and pipetting the mixture onto the rheometer stage. The sample was then pre-sheared at 

0.1 s-1 for 15 seconds followed by low shear (1 s-1) for 15 seconds, high shear (500 s-1) for 8 

seconds, and low shear (1 s-1) for an additional 15 seconds to mimic the varied shear rates the 

bioink experiences while being extruded through the syringe and needle. Four replicates were 

performed for each study, with the error bars representing the standard deviation. 

3.2.5 Cell Culture and Cytocompatibility of Polymer Precursors 
HepG2 cells were cultured in T75 tissue culture flasks in DMEM medium with 10% FBS and 1% 

penicillin-streptomycin at 37 °C and 5% CO2. When cells reached a confluency of ~80%, they 

were harvested from the flasks by removing the cell media, rinsing with PBS, adding 5 mL of 25% 

w/v trypsin-EDTA, and placing the flask in a 37 °C incubator for 5 minutes to allow for cell 

detachment. Next, 5 mL of prewarmed cell media was added to the flask and the mixture was 
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transferred to a 15 mL Falcon tube, with 10 µL of this mixture used to determine the cell 

concentration using a hematocytometer. The remaining mixture was centrifuged (1000 rpm, 5 

minutes), after which the supernatant was removed and the resulting cell pellet was either 

resuspended in the bioink (DMAPS-OEGMA-Hzd + DMAPS-OGEMA-Ket) for printing 

experiments or resuspended in prewarmed media for passaging or cytocompatibility studies.  

The cytocompatibility of the polymer precursors with HepG2 cells was analyzed using CellTiter 

96 AQueous One Solution Cell Proliferation Assay (Promega). HepG2 (P8) cells were seeded in 

96-well plates at a density of 1x104 cells/100 µL media/well and incubated for 24 hours. The 

supernatant was removed, and polymer precursors diluted in media were left to incubate with the 

cells for 24 hours. Finally, the supernatant was removed and 100 µL of cell media and 20 µL of 

the 3-(4,5-dimethylthiazol-2-yl)-5-(3-carboxymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium 

(MTS) assay dye was added to each well, after which the plates were incubated for 3 hours. The 

absorbance from each well was measured at a wavelength of 490 nm using a plate reader (Tecan), 

with the metabolic activity of the cells calculated using equation ( 1 ); the positive control was 

media + MTS dye only while the negative control was media + MTS dye exposed to cells (no 

polymer added). Six replicates were performed for each polymer concentration, with the error bars 

representing the standard deviation. 

 
𝑀𝑒𝑡𝑎𝑏𝑜𝑙𝑖𝑐 𝐴𝑐𝑡𝑖𝑣𝑖𝑡𝑦 (%) =

𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 − 𝑃𝑜𝑠𝑖𝑡𝑖𝑣𝑒 𝐶𝑜𝑛𝑡𝑟𝑜𝑙

𝑁𝑒𝑔𝑎𝑡𝑖𝑣𝑒 𝐶𝑜𝑛𝑡𝑟𝑜𝑙 − 𝑃𝑜𝑠𝑖𝑡𝑖𝑣𝑒 𝐶𝑜𝑛𝑡𝑟𝑜𝑙
× 100% 

( 2 ) 

 

3.2.6 3D Printing Experiments 
To perform printing experiments, a custom extrusion bioprinter was used as previously 

described14. Briefly, a control system (Buildbotics Inc) receives G-Code as an input and 

correspondingly controls a four-axis stage, manipulating the clamp system that holds the bioink-
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loaded syringes to precisely manage the print design, print speed, and print volume. The G-Codes 

used in this study result in either a 4x4 or 8x8 array of droplets being printed using a constant print 

speed of 400 µL/min and varying A values (0.1, 0.05, and 0.01 mm) (Figure S3.1), the latter 

corresponding to the distance over which the bioink-loaded syringe is displaced to form each 

droplet.  

To prepare the bioink, 100 µL aliquots of 12 wt% DMAPS-OEGMA-Hzd and DMAPS-OEGMA-

Ket precursor polymer solutions in saline were added to a single Eppendorf tube and vortexed to 

ensure mixing. The bioink mixture was then loaded into a 1 mL syringe to which a 30-gauge blunt 

needle was secured, and the assembly was placed in the clamp system. The bioink was then printed 

on to Petri dishes pre-treated with a commercial product (Rainx, ITW Global Brands, consisting 

of a mix of water and propylene glycol) to enhance the hydrophobicity of the printing surface and 

prevent spreading of the droplets. The dishes were treated with two sprays of Rainx, with excess 

spray immediately wiped from the surface with Kimwipes to leave behind a dry plate. Following 

printing, the prints were left for ~ 10 minutes to allow for complete gelation, after which 10 mL of 

PBS was added to maintain hydration. For prints containing cells, the precursor polymer mixture 

was used to resuspend a pellet of HepG2 cells to a final concentration of ~8 million cells/mL and 

2 mL of cell media was added instead of PBS after the allowed 10 min gelation time; the printed 

particles were stored in the incubator at 37°C and 5% CO2 until use, with the cell media changed 

every 3 days. 

3.2.7 Morphology of Printed Microgels 
The 3D printed microgels were visualized using an optical microscope (Inverted Trinocular 

Microscope, IM-3, Optika) at 4x magnification. The particle diameters were measured via ImageJ 

while the height of the particles was measured via the side-view of the particles visualized using a 
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horizontal imaging system embedded in a Microsquisher instrument (CellScale); both 

measurements were taken after exposing the particles to PBS for 1 hour prior to measurement. The 

diameter and height of 8 different particles from the same print were measured, with the error bars 

representing the standard deviation. To compare the morphology of prints done on 

hydrophobically-treated and untreated petri dishes, the aspect ratios and areas of 8 prints from both 

conditions were calculated via ImageJ, with the error bars representing the standard deviation.  

3.2.8 Injectability Test 
The injectability of the A=0.01 mm particles was analyzed by removing the particles from the petri 

dish surface by gently scraping them with a small flat spatula, allowing them to be freely suspended 

in PBS. The suspended particles were then loaded into a 3 mL syringe and injected through a 20-

gauge needle onto a clean petri dish. Images of the prints were taken before and after injection 

using an optical microscope, with the circularity of the ten particles calculated pre- and post-

injection using ImageJ. Error bars represent the standard deviation of the circularity measurements.  

3.2.9 Swelling and Degradation Analysis 
The swelling and degradation profiles of the printed particles were measured by imaging with an 

optical microscope (to measure the diameter) and a horizontal imaging system (to measure the 

height) over time. The initial measurement was done immediately after printing (M0), after which 

10 mL of PBS was added to the petri dish and the particles were incubated at 37°C. The diameter 

and height of the particles were measured daily over 10 days of incubation (Mt), with the PBS 

changed daily. The degree of swelling was characterized by the Mt/M0 ratio. To track the 

degradation of the particles over time, circularity measurements were performed over 67 days in 

PBS at 37°C as described in section 3.2.8. Swelling and degradation measurements were 

performed on the same 10 particles at each time point, with the error bars representing the standard 

deviation of the replicate measurements at each time point.  
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3.2.10 Mechanical Characterization of Particles 
The mechanical properties of the particles were analyzed using a Microsquisher instrument 

(CellScale). A 1x1 mm platen and a 0.4064 mm diameter cantilever were used to compress a single 

particle at strains of 5, 10, 15, and 20 % using repeated compression (20 seconds), holding (10 

seconds), and recovery (20 seconds) steps in a PBS-filled testing chamber. The average force 

measured at the hold phase was divided by the surface area of the particle at each strain to calculate 

the stress, with the slope of the stress-strain curve then used to determine the compressive modulus. 

Six individual particles were tested, with the error bars representing the standard deviation.  

As a comparison, the rheological properties of bulk DMAPS-OEGMA hydrogels were tested using 

a Discovery Hybrid Rheometer (TA Instruments, HR 20) using an 8 mm parallel plate stainless 

steel geometry. For measuring hydrogel thixotropy, ~150 µL of the 12 wt% pre-mixed precursor 

polymer solution was pipetted into polydimethylsiloxane disk molds and left for 10 min to fully 

gel. The hydrogels were then removed from the mold and placed on the rheometer stage to perform 

steady shear viscosity measurements at shear rates of 1, 500, and 1 s-1. To measure the bulk 

compressive modulus, hydrogels were prepared the same way as thixotropy tests with or without 

the addition of HepG2 cells (8x106 cells/mL). The hydrogels were removed from the molds and 

placed on the rheometer stage for axial compression testing at a constant linear rate of 5 µm/s for 

100 µm. The slope of the resulting stress-strain curve was reported as the compressive modulus. 

3.2.11 Live/Dead Analysis 
A live/dead cell imaging kit (Invitrogen) was used to assess cell viability within the 3D printed 

particles 1 hour after printing and 3, 7, and 10 days after printing. The prints were prepared as 

described in section 3.2.6. At each time point, the media was removed from the petri dish, the 

prints were washed with 1 mL of prewarmed PBS, and live/dead staining was performed according 

to manufacturer’s instructions (LIVE/DEAD Cell Imaging Kit, Invitrogen) at room temperature 
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for 30 minutes. The prints were then imaged using a laser scanning confocal microscope (LSCM, 

Fluoview FV1200, Olympus) using a 4x objective and excitation wavelengths of 488 nm (live 

cells) and 561 nm (dead cells). Z-stack images were taken with a step size of 15 µm and were 

compressed into a single image, with ImageJ subsequently used to calculate the area of live and 

dead cells using the threshold function. All measurements were performed on 3 independent 

particles for each time point, with the error bars representing the standard deviation. 

3.2.12 Statistical Analysis 
Two-tailed unpaired t-tests (p<0.05) were performed to compare the means of two groups. Error 

bars represent the standard deviation of the means of each measurement. 

3.3 Results 

3.3.1 Polymer Characterization 
To effectively apply the pre-mixed bioink in situ crosslinking technique used in this study and 

ultimately create an injectable cell therapeutic, a specific gelation time (~5-10 min) is required to 

allow the bioink to be printed in its pre-gelled (low viscosity) state without the need for high 

pressures or larger gauge needles while also ensuring minimal time for printed cells outside of 

media following the printing process. Previous work from our group demonstrated that hydrazide- 

and aldehyde-functionalized DMAPS-OEGMA copolymers showed lower protein adsorption than 

the corresponding poly(DMAPS)-only or poly(OEGMA)-based hydrogels when prepared at a 

DMAPS:OEGMA ratio of 90:10; however, gelation times were significantly faster than the 5-10 

min target time30. As such, to meet the gelation time constraints of the printing process while still 

leveraging the anti-fouling benefits of the 90:10 copolymer, the polymers were functionalized with 

ketone groups instead of aldehyde groups to exploit both the lower electrophilicity of ketones 

relative to aldehydes (slowing gelation) as well as the improved cytocompatibility of ketone-

functionalized polymers compared to aldehyde functionalized polymers given their significantly 
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lower propensity to form Schiff bases with native proteins29. Therefore, in this study DMAPS-

OEGMA-Hzd and DMAPS-OEGMA-Ket polymers were synthesized via chain transfer radical 

polymerization in which 70 mol% of the monomer residues consist of the anti-fouling 

DMAPS/OEGMA monomers (targeting a molar ratio of 90:10 DMAPS:OEGMA within this 

population) and 30 mol% of the monomer residues bear either hydrazide or ketone groups. 1H 

NMR (Figure S3.2) confirmed similar overall compositions for both polymers, with 24-25 mol% 

of monomer residues bearing functional groups and a DMAPS:OEGMA ratio of ~6.5:1 within the 

anti-fouling monomer residues incorporated into the polymer chain (Table 3.1). Both these results 

are slightly lower than the recipe targets, suggesting a somewhat preferential incorporation of the 

OEGMA comonomer into the copolymer; however, the similarity between the compositions of the 

two polymers is beneficial for ensuring high effective crosslinking of the reactive functional 

groups upon mixing. The number-average molecular weights (Mn) of both precursor polymers 

were <11 kDa (Table 3.1), well below the renal cutoff and thus offering the potential for kidney 

clearance following hydrogel degradation. The gelation times following mixing of 10, 12, and 14 

wt% polymer precursors were found to range from ~4-16 minutes (Table S3.1), with higher 

concentration precursor solutions resulting in more rapid gelation. Based on the previously 

described gelation time constraints for this study, 12 wt% precursor polymer solutions (gelation 

time ~8 min) were chosen to allow the bioink to gel after the printing process has been completed 

while limiting the time the cells are out of media. 

Table 3.1. Physical characterization of hydrazide and ketone-functionalized polymer precursors. 

Polymer Mn (kDa) Ð Functional Group  

(mol%) 

DMAPS 

(mol%) 

OEGMA 

(mol%) 

DMAPS-

OEGMA-Hzd 

10.6 4.1 24 64 11 

DMAPS-

OEGMA-Ket 

8.4 2.4 25 64 10 
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The polymer precursors have low viscosities and molecular weights and thus are not extensively 

affected by shear rate; however, they still exhibit moderate shear thinning behaviour (Figure 

3.2A). The shear experienced by the pre-mixed precursor polymer bioink (DMAPS-OEGMA-Hzd 

+ DMAPS-OEGMA-Ket) as it moves through the syringe, needle, and printing substrate was 

therefore modelled by applying a low shear (1 Hz), high shear (500 Hz), and low shear (1 Hz) in 

sequence. As seen in Figure 3.2B, the bioink experiences a reduction in viscosity at high shear but 

quickly recovers its higher viscosity as the high shear is removed, demonstrating thixotropic 

behaviour even aside from the in situ-gelling hydrazone chemistry that significantly increases the 

viscosity of the printed droplets over time. Both shear thinning and thixotropic behaviour are 

important in bioprinting to ensure the flow of the bioink through the needle without the use of high 

pressures or large needle sizes. Both precursor polymers also showed high cytocompatibility after 

upon incubation with HepG2 cells for 24 hours (Figure 3.2C), suggesting minimal cytotoxic 

effects can be expected when the cells are mixed with the polymers prior to gelation. 

 

Figure 3.2. Characterization of the polymer precursors before printing. (A) Viscosity sweeps of 

both precursor polymer solutions (12 wt% concentration) over a shear rate range of 0.1 to 100 s-1 

(n=4). (B) Thixotropy test of the mixed precursor polymers tested immediately after mixing (i.e. 

prior to gelation) by switching between shear rates of 1, 500, and 1 s-1 modeling the 3D printing 

process (n=4). (C) Cytotoxicity of precursor polymer solutions against HepG2 cells at varying 

concentrations using an MTS assay following 24 hours of incubation (n=6).  
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3.3.2 3D Printing of Microgels 
DMAPS-OEGMA microgels were printed on hydrophobically-coated petri dishes using a custom 

extrusion bioprinter (Figure S3.3). The discontinuous extrusion of the bioink at pre-coded 

locations allowed for an array of particles to be printed that were uniform in both shape and size 

(Figure 3.3A). By increasing the A value (the distance the bioink-loaded syringe plunger is 

displaced at each print location) from 0.01 to 0.1 mm, significant increases in the average diameter 

(from 859 to 1587 µm) and height (from 121 to 1150 µm) of the printed microgels were noted, 

with higher A values resulting in more hemisphere-like structures while lower A values resulted in 

more disk-like particles with slight curvature (Figure 3.3B, C); highly reproducible dimensions 

were achieved in both cases, as evidenced by the small error bars on Figure 3C. The high 

diameter:height ratio of the A=0.01 mm population of particles makes these particles a particularly 

interesting candidate for cell delivery, given that the height of these particles is below the diffusion 

limit of oxygen and nutrients (~250 µm) while the diameter is large enough to accommodate a 

high volume of cells yet still remain within the size range to be injectable6.  Note that lower A 

values were tested but resulted in non-uniform and non-reproducible prints due to challenges with 

reliably dispensing sub-droplet volumes of the precursor polymers during printing. Printing on 

hydrophobically-coated petri dishes minimized droplet spreading (and consequently the particle 

size) while retaining highly circular cross-sections, consistent with the increased hydrophobicity 

of the pre-coated surface; in contrast, droplets printed on untreated petri dishes spread upon contact 

with the surface, resulting in non-uniform and non-circular particles with significantly larger sizes 

and aspect ratios (Figure 3.3D, E).  
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Figure 3.3. Effect of the A value and choice of printing substrate on microgel printing. (A) A 5x5 

array of printed particles dyed with blue food dye for visualization. Scale bar = 2 mm. (B) Top and 

side views of printed microgels using A values of 0.1 (left), 0.05 (centre), and 0.01 mm (right). 

Scale bar = 100 µm. (C) The measured diameter (dark blue) and height (light blue) of particles 

printed with varying A values (n=8). (D, E) Aspect ratios (D) and areas (E) of particles printed on 

untreated and hydrophobically-coated petri dishes (n=8). For statistical analysis, *p < 0.05. 

3.3.3 Physical Properties of Particles 
The swelling profile of the microgels was evaluated by incubating the particles prior to 

delamination from the print support in PBS at 37 °C and measuring the particle diameter and height 

over 10 days using a light microscope (diameter) and horizontal imaging system (height). As seen 

in Figure 3.4A, the particles experience minimal swelling in the lateral direction, as the ratio of 

the diameter of the particle in its swollen state to the diameter of the dry particle plateaus at ~1.3 

after 1 hour of incubation. Conversely, the particles exhibit a greater degree of swelling in the 

vertical direction, with the height ratio plateauing just below 2 after 3 days. The anisotropic 
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swelling of the particles may be explained by the bottom of the particles remaining adhered to the 

petri dish during the measurement, limiting the swelling capacity of the particle in the lateral 

direction and forcing the particle to swell more in the vertical direction; the choice to perform the 

swelling test in this way was essential to allow for the PBS to be easily changed after each 

measurement, ensure consistent angular analysis of the particle dimensions, and enable the same 

particles to be measured at each time point. However, even after complete swelling, the height of 

the particles remained below the 250 µm limit for effective oxygen and nutrient diffusion. The 

particles remain stable over 67 days, as their measured circularity remains high and consistent 

throughout the duration of the study (Figure 3.4B). The compressive modulus of the microgels 

was tested using a Microsquisher instrument, maintaining largely elastic behavior up to 20% strain 

with a compressive modulus of 14.5±4.9 kPa (Figure 3.4C). Upon adding HepG2 cells at a density 

of 8x106 cells/mL, the compressive modulus reduced to 4.3±2.7 kPa, consistent with the modulus 

of healthy liver tissue (~5 kPa) and optimal for HepG2 growth31. This reduction in modulus is 

consistent with the trend seen in the same hydrogel material on the bulk scale (Figure S3.4) and 

in other literature where the encapsulation of cells in hydrogels causes a decrease in hydrogel 

stiffness32.   
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Figure 3.4. Physical properties of printed microgels. (A) Swelling ratio calculated as the ratio of 

the dimension of the particle at varying times (Mt) divided by the initial (post-printed) dimension 

of the particle (M0) for both the diameter (dark blue) and height (light blue) over 10 days in PBS 

(n=10). (B) Circularity of the particles over 67 days showing no significant degradation over time 

(n=10). (C) Stress-strain curves of microgels printed with and without cells (the fitted slope is the 

compressive modulus, n=6). (D) Circularity of particles pre- and post-injection through a 20-gauge 

needle confirming that the particles do not break apart upon injection (n=10). (E) Image of particles 

(dyed with blue food dye for better visualization) post-extrusion into a clean petri dish. Scale bar 

= 2 mm. For statistical analysis **p<0.01 and ns = not significant.  

 

To assess the injectability of the particles, light microscope images of the particles were taken after 

removing them from the petri dish (pre-injection) and after injecting them through a 20-gauge 

needle into a clean petri dish (Figure S3.5). As seen in Figure 3.5E, particles were successfully 

extruded through the needle with minimal changes in their shape and size; quantification of the 

particle circularity pre- and post-injection showed no significant differences before and after 
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injection (Figure 3.4D). The ability of the particles (average diameter = 859 µm) to be extruded 

through the 20 gauge needle (inner diameter = 603 µm) may be explained by a combination of the 

particle elasticity, anisotropy, and thixotropic behaviour, allowing the particles to be compressed 

and/or reoriented during extrusion but relax back to their original shape/size post-extrusion; in 

particular, the highly thixotropic properties of the hydrogels (Figure S3.6) allows for a transient 

reduction in viscosity as the particles pass through the needle.  

3.3.4 Cell Encapsulation and Viability 
The viability of HepG2 cells encapsulated in the microgels was evaluated 1 hour and 3, 7, and 10 

days post-printing using a live/dead assay and confocal microscopy (Figure 3.5A). Due to the 

cluster-forming nature of the HepG2 cells, the area of live cells as a percentage of total cells was 

calculated instead of counting individual live and dead cells. One-hour post-printing, the area of 

live cells relative to total cells was 80±5%, suggesting the printing process did not cause significant 

cell death. By day 3, the area of live cells increased to 83±2% and by days 7 and 10 the area of live 

cells was > 95% (Figure 3.5B), indicative that the microgels provide an appropriate scaffold for 

cell survival. Furthermore, no necrotic core was observed during the full 10 day observation 

period, suggesting the dimensions of the disk-like particles facilitated sufficient oxygen/nutrient 

and waste diffusion. Significant cell proliferation (as assessed by the total area of the confocal 

projections with green coloration) was also observed (Figure 3.5), with a slight increase in the 

area of live cells observed between days 1 to 3 (consistent with cells requiring time to deposit 

ECM onto the relatively weakly cell-adhesive hydrogel33) followed by a much larger increase 

observed between days 3 and 7. Correspondingly, the shape of the microgels changes from circular 

(day 1 and 3) into more irregular shapes and/or multiple pieces (day 7 and 10), suggesting the 

potential of the cells to actively remodel the dynamically-crosslinked hydrogel network as they 
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proliferate. Non-cell encapsulated microgels incubated under the same conditions were imaged at 

the same time points and showed no sign of degradation or change in shape, confirming the role 

of the cells in remodeling the microgels (Figure S3.7). Overall, encapsulation of HepG2 cells in 

the microgels results in high viability and good proliferation over 10 days, exemplifying their 

potential as a cell therapeutic.  

 

Figure 3.5. HepG2 cell viability and proliferation in microgels: (A) Live/dead assay (left column) 

and brightfield (right column) confocal microscopy images of the cells encapsulated in the 

particles 1 hour (day 1, top row) or 3, 7, or 10 days after printing. The live cells are shown in green 

and dead cells are shown in red. Scale bar = 200 µm; (B) Percentage of the area of live cells relative 
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to total cells detected (live + dead cells) over 10 days (n=3); (C) Total projected area of live cells 

(green coloration) over 10 days showing the proliferation of the cells over time (n=3). 

3.4 Discussion 
Pre-mixed hydrazide- and ketone-functionalized DMAPS-OEGMA polymers were successfully 

printed using a droplet extrusion printing setup to form cell-laden microgels. Printing of bioinks 

in the pre-gelled state is often limited by the splashing and spreading of the bioink on the substrate 

and/or the required use of support baths or post-printing crosslinking steps to induce hydrogel 

formation. Conversely, printing pre-gelled bioinks may reduce both print resolution and cell 

viability given that larger needle gauges and/or high pressures are often required to extrude the 

pre-gelled bioink. To overcome these challenges, a pre-mixed bioink consisting of ketone- and 

hydrazide-functionalized polymers with delayed crosslinking (~8 minute gelation time) was 

printed onto a hydrophobic substrate. The ability to print in a pre-gelled state allowed for the use 

of a small needle gauge while applying minimal pressure, both important to reduce the droplet size 

and improve the viability of cells in the bioink. Furthermore, the slow in situ gelation reaction 

between the pre-mixed hydrazide and ketone groups supplanted the need for any post-crosslinking 

steps such as UV crosslinking or printing into a support bath with crosslinking agents, allowing 

for microgels to be printed in a single step with easy collection.  

Printing on hydrophobically-coated petri dishes reduced the overall size and spreading of the 

droplets, ultimately leading to the formation of slightly curved disk-like particles with a height 

below the limit of diffusion of nutrients (<250 m) while maintaining a larger diameter (~900 m); 

the larger diameter facilitated by the disk-like shape enables the accommodation of more cells 

within the gel phase as well as likely improved tolerance against immune attack compared to 

smaller-sized particles34. Even with the large diameter, the particles were found to be injectable 

through a 20 gauge needle without impacting their integrity, offering the potential of these cell-
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laden particles to be delivered in vivo in a non-invasive manner beneficial to reducing surgery and 

recovery times. HepG2 cells encapsulated in the particles at a density of 8 million cells/mL showed 

high viability post printing (~80%) which increased to >95% after 10 days due to the effective 

proliferation of cells inside the scaffold; a ~10x increase in the 2D projected area of live cells was 

observed in the 3D confocal images between day 1 and day 10 (Figure 3.5C). Overall, the high 

viability and proliferation rates suggest that the mechanics and dynamic network of the hydrazone-

crosslinked hydrogel allows for effective cell spreading while also providing sufficient nutrient 

and waste diffusion to avoid any necrotic core formation.  

To further demonstrate the use of these microgels as an injectable cell therapeutic for liver disease, 

studies on the behaviour of HepG2 cells while encapsulated (i.e., albumin production) will be 

conducted. In addition, we plan to inject the cell-laden particles into mice models to study the 

benefit of encapsulating the cells in hydrogels as opposed to direct injection of cells, as it is 

hypothesized that there will be improved cell viability and a reduced inflammatory response. The 

long-term therapeutic capabilities of the cell-encapsulated particles will also be examined in vivo. 

3.5 Conclusion 
Droplet extrusion bioprinting was employed to print injectable cell-laden microgels without the 

use of harsh crosslinking agents or post-printing crosslinking steps. The long gelation kinetics of 

hydrazide and ketone chemistry was leveraged to print uniform particles in a single step without 

compromising cell viability. The benefit of printing on a hydrophobic surface was demonstrated 

by the reduction in area and spreading of the particles compared to particles printed on untreated 

surfaces, resulting in disk-like particles with ideal dimensions for cell delivery. The size/shape and 

mechanical properties of the particles enabled both high viability and proliferation of HepG2 cells 

up to 10 days, suggesting their potential as an injectable cell therapeutic.  
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 Figure S3.1. G-code for bioprinting an A=0.01 mm 4x4 array 
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Figure S3.2. Chemical structures and 1H NMR analysis of DMAPS-OEGMA-Ket and DMAPS-

OEGMA-Hzd polymers. 

To calculate the molar concentration of the DMAPS, OEGMA, ketone, and hydrazide components, 

the areas under peaks E, D, a and b were used, respectively. All calculations were done relative to 

peak D. An example calculation for determining the molar concentration of ketone in the DMAPS-

OEGMA-Ket polymer is shown below. 

 

Molar concentration of DMAPS (%) =

𝑖𝑛𝑡𝑒𝑔𝑟𝑎𝑡𝑖𝑜𝑛𝑝𝑒𝑎𝑘 𝑎

# 𝑝𝑟𝑜𝑡𝑜𝑛𝑠𝑝𝑒𝑎𝑘 𝑎
 

(
𝑖𝑛𝑡𝑒𝑔𝑟𝑎𝑡𝑖𝑜𝑛𝑝𝑒𝑎𝑘 𝑎

# 𝑝𝑟𝑜𝑡𝑜𝑛𝑠𝑝𝑒𝑎𝑘 𝑎
+ 

𝑖𝑛𝑡𝑒𝑔𝑟𝑎𝑡𝑖𝑜𝑛𝑝𝑒𝑎𝑘 𝐸

# 𝑝𝑟𝑜𝑡𝑜𝑛𝑠𝑝𝑒𝑎𝑘 𝐸
+ 

𝑖𝑛𝑡𝑒𝑔𝑟𝑎𝑡𝑖𝑜𝑛𝑝𝑒𝑎𝑘 𝐷

# 𝑝𝑟𝑜𝑡𝑜𝑛𝑠𝑝𝑒𝑎𝑘 𝐷
)

× 100% 

=

2.4589
3  

(
2.4589

3 +  
4.1591

2 + 
1
3)

 × 100% 

= 25 % 

 

Table S3.1. Gelation times of hydrogel formulations. 

Polymer concentration (wt%) Gelation time (min) 

10 15:30 

12 8:00 

14 4:30 
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Figure S3.3. Extrusion bioprinter platform with directional control in the X, Y, Z, and A 

(syringe displacement) axis. The bioink (dyed blue) loaded syringe is secured to the print head 

and the printhead is displaced in the A axis to extrude the bioink and form droplets on the 

hydrophobically-coated petri dish. 
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Figure S3.4. Bulk compressive modulus of microgels printed without and with HepG2 cells at a 

cell density of 8x106 cells/mL (n=3). For statistical analysis, *** p < 0.001. 

 

 

Figure S3.5. Light microscope images of individual particles pre- and post-injection showing 

similar morphologies (Scale bar = 100 µm). 
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Figure S3.6. Thixotropy behaviour of microgels over a shear program consistent with that of 3D 

printing (1 s-1 hold simulating shear in the syringe, 500 s-1 simulating extrusion through the needle, 

and 1 s-1 hold simulating the precursor polymer solution post-extrusion but pre-gelation) (n=4). 

 

Figure S3.7. Light microscope images of microgels over 10 days in cell media incubated at 37 °C 

with and without HepG2 cells, showing the impact of cell remodeling on the change of microgel 

morphology and not incubation conditions. Scale bar = 200 µm. 
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Chapter 4: Conclusions and Future Work 

4.1 Conclusions  
The objective of this thesis is to address some of the limitations associated with the use of cell-

laden microgels for cell therapy by developing microfluidic and bioprinting platforms designed 

for the fabrication of injectable microgels with improved biomolecule transport.  

Chapter 2: Porous microgels were fabricated using a flow-focusing microfluidic device enabling 

in-situ mixing of reactive POEGMA polymers and perfluoropentane emulsions. The use of a non-

toxic pore forming agent that evaporates below physiological temperature allows for cells to be 

directly incorporated into the microgel during the fabrication procedure, overcoming an issue 

typically associated with pore generation techniques. Furthermore, this method enables dynamic 

crosslinking and pore generation to occur simultaneously in situ without any additives, resulting 

in a one-step cell encapsulation and pore generation method that is time-effective and simple to 

employ. The degree of porosity in the microgels can be controlled by varying the amount of 

perfluoropentane emulsions used, with the most porous microgels showing significantly softer 

mechanics coupled with enhanced molecule diffusion compared to nonporous microgels of similar 

size. Cells encapsulated in porous microgels maintained significantly higher cell viability over 10 

days compared to nonporous microgels while also enabling improved cell proliferation, a result 

assumed to be associated with the improved diffusion of nutrients and wastes enabled by the 

micro/macropores generated by our technique.  

Chapter 3: Disk-like microgels were produced using a droplet extrusion printing platform in which 

individual droplets of pre-mixed reactive DMAPS-OEGMA polymers were printed on a 

hydrophobic surface. The gelation time of the polymers was optimized to ensure printing in a pre-

gelled state to allow for the use of low pressures (limiting cell death) and small needle gauges 
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(minimizing droplet size), with complete gelation occurring shortly after printing without the need 

for any crosslinking agents or support baths. The use of a hydrophobic surface prevented splashing 

and spreading of the droplets (a common issue encountered in droplet extrusion printing), 

minimizing the size of the microgels and allowing them to be injectable. The disk-like shape of 

the microgels enabled high cell loading while maintaining the height of the microgel to be 

maintained below the limit of oxygen and nutrient diffusion, facilitating high cell viability in 

addition to effective cell proliferation for up to 10 days. A 10x increase in the area of live cells 

over the 10 day period may also be attributed to the ideal mechanical properties of the microgels 

coupled with the dynamic hydrogel network that cells are able to remodel to facilitate proliferation. 

Overall, this thesis describes two new methods to reproducibly fabricate cell-laden microgels with 

well-defined porous structures and/or dimensions to optimize biomolecule diffusion. The use of 

delayed dynamic crosslinking in both chapters enables one-step microgel formation without the 

need for any additives or harsh crosslinking steps. High cell viabilities can be achieved with both 

microgel fabrication techniques, demonstrating their potential use in cell therapy applications in 

which improved diffusion of molecules to and from cells is essential to therapeutic efficacy. 

Although both hydrogel systems maintained high cell viabilities, there was an appreciable 

difference in the degree of cell proliferation observed, with the DMAPS-OEGMA microgels 

allowing for significantly better cell proliferation over time compared to POEGMA microgels. 

This may be explained by the higher cell density in the 3D printed microgels, allowing for 

improved paracrine cell signalling, as well as the zwitterion fusion interactions between the 

zwitterionic cell surface and zwitterionic DMAPS component of the gel that, although individually 

weak, can better support cell adhesion when applied in a 3D context. 
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4.2 Future Work 
Chapter 2: To enable better control over the pore sizes, oils with different viscosities may be used 

as the continuous phase, as it is anticipated that the viscosity of the oil may influence the rate and 

degree of the perfluorocarbon expansion. To further investigate the pore sizes and 

interconnectivity, the microgels should be imaged with improved resolution compared to the 

images acquired with the LSCM. Imaging deep into the microgels is a challenge, so the use of 

other imaging techniques in which the microgel can still be imaged in the swollen state (such as 

cryogenic transmission electron microscopy) could be used to better visualize the structure 

throughout the cross-section of the microgels and precisely measure the pore sizes. While 

significant increases in cell viability were seen in porous microgels compared to the conventional 

nanoporous microgels after 3, 7, and 10 days, initial cell viability was reduced in both cases, 

suggesting the microgel fabrication and oil removal steps may cause some cell stress. Cell viability 

could be improved by designing a microfluidic chip that removes the oil on-chip and redisperses 

the microgels in PBS or media, preventing the need for extended exposure times to oil and multiple 

centrifugation steps. Simple microfluidic devices with this capacity have been fabricated by 

flowing an aqueous stream parallel to the oil stream; by optimizing the flow rates, viscosities, and 

channel width, the microgels can be pulled into the aqueous stream and the oil continues to flow 

out of the device1, 2. In addition, future work reducing the potential for cell aggregation and 

adhesion to microchannel walls should be investigated to improve the consistency of both the cell 

number and microgel diameter in the cell-laden microgels. By improving the even dispersion of 

cells in the polymer stream, more stable droplet formation is expected resulting in both more 

monodisperse droplets and more consistent numbers of cells per droplet. Some strategies reported 

to address this challenge in literature include coating PDMS microchannels with BSA or Pluronics 

to increase channel hydrophilicity3, increasing trypsin exposure when removing cells from the 
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flask (although this can also negatively affect subsequent cell adhesion to the scaffold), and using 

a density gradient media to prevent cell aggregation and settling in syringes and tubing4. 

Chapter 3: Although the printed microgels are small enough to be injected through a 20 gauge 

needle, the printing parameters (e.g. flow rate, A value, printing substrate, and needle sizes) could 

be further optimized to print droplets smaller in diameter that would permit the use of a smaller 

needle for injections. In addition, the removal of the microgels from the printing substrate should 

be improved to be less tedious and time consuming as they are currently scraped off individually. 

The use of a dynamic printing substrate that could switch adhesion properties via a non-toxic 

mechanism (e.g. a change in temperature) could benefit the removal process by removing all 

microgels in one-step, key to successful scale-up of the method. Finally, the pore generation 

method used in Chapter 2 could be applied to the bioprinting platform by mixing the 

perfluoropentane with the bioink. While the printing set-up may need to be altered to allow for 

printing into a heated support bath to allow for perfluoropentane evaporation, it is anticipated that 

even better cell viability and proliferation could be achieved as a result of the introduced 

micro/macropore structure that could be formed. 

Chapter 2&3: The albumin production from the encapsulated HepG2 cells should be measured to 

ensure normal cell function as well as sufficient diffusion of albumin out of the microgel into the 

surrounding environment. The tolerability and therapeutic potential of the microgels will be tested 

in mouse models, possibly through the measurement of cell-secreted molecules. In addition, this 

work could be applied to other cell types (e.g. pancreatic islet cells) to treat other metabolic 

conditions such as diabetes through cell therapy. 
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